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Abstract 
 
 

Engineering Cellular Level Tools to Measure and Control Cardiac Physiology During 
Normal and Pathologic Conditions 

 

Despite decades of extensive research, heart-related diseases remain a major global burden, 

taking countless life every year and decreasing the quality of life of many more. Animal models 

have been essential in cardiovascular research but significant differences among species and 

inherent limitations related to study preparations have hampered the effective translation from 

basic science to clinical practice needed for the development of improved therapies that restore 

proper cardiac function. This dissertation seeks to develop and improve current techniques to 

adequately measure key components of cardiac physiology and pathophysiology that will 

ultimately lead the way to reduce the gap between animal models and humans. We present, a 

new kind of detachable microelectrodes for action potential recordings from cells within fully 

contracting hearts without the need of any constraints, an improved non-destructive and 

reproducible optical technique to measure the metabolic activity within the myocardium of 

perfused hearts and an optogenetic approach for selectively activating and modulating intrinsic 

parasympathetic and sympathetic pathways recapitulating true autonomic tone response.   
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Chapter 1 ï Introduction 

 

The last century has been witnessed of the greatest improvement in health care in history, 

rapidly contributing to a sustained increase in life expectancy. Nonetheless, data from 

cardiovascular diseases -the leading cause of death worldwide- has shown a growing burden, 

particularly in the U.S. population [1], making the quest for new therapies and approaches to 

treating many conditions more active than ever. Progress in the development of cardiovascular 

therapies have not been proportional to research success in terms of properly decoding cardiac 

physiology and relatively poor prognosis in patients with heart diseases including heart failure 

with a mortality about 50 % within five years of diagnosis [2]; indicating that the currently 

accepted translational model needs to be improved. While the reasons for such translational 

deficiency can be multifactorial, significant and lack of concordance at a genetic, molecular, 

cellular and even anatomical level among species are major contributing factors. Isolated heart 

preparations, cellular assays and simulations are just some of the procedures used to solve the 

intricate universe of cardiac function and while these techniques are very informative and 

extremely useful, they often tend to miss key components related to the heartôs natural 

physiology. 

 

 Many ex-vivo preparations rely on the administration of exogenous compounds such as 

mechanical uncouplers and fluorescent dyes to be able to perform studies focused on elucidating 

the metabolic, electrical and mechanical activity of the heart. However, several of these 

compounds have a potentially detrimental effect on cardiac performance, altering the delicate 

homeostasis state already distorted when performing ex-vivo studies. Although sometimes 

necessary, this imposes an additional barrier for a successful translation from basic science 

research to clinical practice. The main purpose of this dissertation is to reduce the gap between 

in-vivo and ex-vivo preparations for the analysis and control of cardiac physiological and 

pathophysiological conditions by developing, refining and extending novel technical approaches.  
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Three different techniques are proposed for the measurement and modulation of different 

aspects of cardiac electrical activity, metabolism and neuro-cardiac interactions. We describe the 

development of new detachable floating glass microelectrodes for the targeted recording of 

intracellular potentials in rats and guinea-pigs hearts as well as in human LV-wedge without 

requiring mechanical or pharmacological inhibition of tissue motion. We also show in whole 

hearts how the dehydrogenase activity could be assessed in a non-destructive and reproducible 

manner by using the fluorescence recovery after the NADH molecules have been temporarily 

photobleached. And finally, we present an optogenetic approach in murine hearts for the analysis 

and modulation of autonomic tone response analogous to parasympathetic and sympathetic 

activation without the inherent complications of electrical and pharmacological stimulations.  

 

These improvements and new developments will ultimately lead the way to deepen our 

understanding of cardiac physiology and pathophysiology, enhancing the current translational 

paradigm and leading to better treatments.   
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Chapter 2 ï Background 

 

Despite years of cardiovascular research into the anatomy and function of the heart, this 

amazing organ keeps surprising the scientist while inspiring the development of new clinical 

applications and the proper understanding of many metabolic processes that nowadays are still 

unknown. The heart is considered as one of the most powerful machines the human has, 

responsible for pumping life-sustaining blood via the circulatory system to every tissue and organ 

in the body while providing the necessary nutrients and oxygen, and removing carbon dioxide and 

other wastes.  The heart is a hollow, fibromuscular organ of an irregular conical or pyramidal form 

comprise of two structurally interwoven valved muscular pumps divided into four chambers [3]ï

[5]. The two upper chambers - right and left atrium (RA and LA respectively) receive blood from 

the superior and inferior venae cavae together with the main venous inflow from the heart itself 

via the coronary sinus (RA) and from the pulmonary inflow of oxygenated blood and some 

coronary venous inflow (LA). The two lower chambers - right and left ventricles (RV and LV 

respectively) receive blood from their corresponding atriums in preparation to pump blood through 

the entire circulatory system; from the RV blood is ejected into the pulmonary trunk and then 

through the pulmonary bed; and from the LV, blood is expelled into the aortic sinuses and the 

ascending aorta and then to the entire systematic arterial tree [3] (Figure 1).  

Figure 1. Basic anatomy of the heart. [Public domain from the Internet] 
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This pumping is possible because of the inherent ability of the heart to convert chemical 

energy into mechanical energy through a series of enzyme-catalyzed reactions creating a close 

link between metabolism and function [6]. A progressive detriment of any of these two factors 

could lead to a wide variety of heart diseases. While many factors could impact the development 

of a cardiovascular condition ranging from lifestyle habits, health behaviors to genetic disorders, 

there is still the possibility of developing a disorder without any predisposition or warning. The fact 

that cardiovascular diseases are the number one cause of death in the world accounting for more 

than 17.3 million deaths per year and costing more than $316.6 billion in direct and indirect costs 

[7], has had a high impact in researchers to try to have a better understanding of normal and 

pathological cardiac function. Different models including in-vivo, ex-vivo and simulations, have 

been proposed to study the metabolism and functions of the heart, having different connotations 

among the researchers depending on which one is used. While in-vivo studies are perhaps the 

most helpful, especially if it is from a human heart, because it would require less translation, it is 

often very difficult and challenging to acquire. Ex-vivo models, on the other hand, present an 

advantage with respect to in-vivo models, in terms that is possible to control more variables that 

would make the experiments more repeatable and under precise conditions. In this case, many 

researchers have been inclined to use the hearts from small rodents and mammals for ex-vivo 

studies particularly from rabbits, rats, mice and guinea pigs due to the low cost, ease of handling 

and their great similarity with the anatomy and physiology of the human heart. 

 

2.1 The isolated heart preparation 

  

Since the initial preparation of the isolated perfused heart by Carl Ludwig and Elias Cyon in 

1866 [8], the development of this technique has been one of the most important experimental 

models in cardiovascular research. Many scientists have been involved in the improvement of the 

model, but it was Oskar Langendorff in 1897 that introduced the isolated perfused mammalian 

heart preparation [9], setting the base for the current perfusion systems used to analyze a wide 
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range of cardiovascular conditions [10] from the study of the effect of novel therapeutic 

techniques on heart physiology to the pathophysiology of heart failure.  

 

The working principle has been basically unchanged, where the underlying principle is to 

force blood or any other appropriate oxygenated solution such as Tyrode and Krebs-Henseleit to 

sustain cardiac activity by cannulating the ascending aorta. The solution flows in a retrograde 

fashion, as oppose to normal physiologic flow, closing the aortic valve and displacing the 

perfusate through the coronary arteries (Figure 2). After passing through the coronary vascular 

system, the perfusate flows out of the coronary sinus in the right atria [11], [12], where it could be 

considered that the cardiac cavities remain essentially empty during the experimental protocol. 

Perhaps one of the biggest modifications of the Langendorff system was introduced by James 

Neely in 1967, having orthograde perfusion and pressure-volume work of the left ventricle [13], 

[14], which it has the ability to measure pump function with different filling pressure and afterloads 

[15]. Regardless of the technique implemented, the isolated perfused heart preparation is a 

prominent tool used in conjunction with other techniques to study cardiac physiology particularly 

the metabolism and electrical activity of the heart. 

Figure 2. Langendorff isolated perfused heart. 
Perfusion flows retrogradely, closing the aortic valve and perfusing the coronary arteries. [11] 
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2.2 Cardiac Metabolism 

  

The heart is one of the organs that has the largest metabolic demand in the body [16], 

requiring an uninterrupted delivery of oxygen and nutrients to fuel optimal contractile functions 

and viability. Hence, the ability of the heart to pump blood is highly dependent on the availability 

of adenosine triphosphate (ATP) (the common energy currency of the heart), where most of the 

energy production (about 80-90 %) occurs via oxidative phosphorylation [17] at the electron 

transport chain (ETC) in the mitochondria and the rest through substrate phosphorylation [16]. 

The energy required for the synthesis of ATP is mostly derived from the controlled breakdown of 

the chemical bonds in carbohydrates (glucose), fatty acids and amino acid metabolism [18], [19].  

 

The overall process of energy production starts when the ingested nutrients are broken down 

into the aforementioned usable carbon substrates (glucose, fatty acids and amino acids). Fatty 

acids, which are initially oxidized in the mitochondrial matrix through ɓ-oxidation, are the 

preferred substrate in the adult myocardium, accounting for about 50-70 % of total ATP [20], [21]. 

On the other hand, glucose is transformed to pyruvate through the glycolysis process and 

oxidized by the pyruvate-dehydrogenase (PDH) complex [21] to form Acetyl-CoA [19], used for 

the transport of carbon atoms within the acetyl group to the tricarboxylic acid (TCA) cycle. The 

reduced form of flavin adenine dinucleotide (FADH2) and nicotinamide adenine dinucleotide 

(NADH) are generated by the TCA cycle (Figure 3), which supplies the energy necessary to 

power oxidative phosphorylation [18], therefore producing energy.  

 

Because of the high rate of energy consumption of the heart and considering that the tissue 

store of ATP is limited, there is a fine equilibrium and control between ATP production and 

utilization that needs to be preserved. Even brief interruptions of coronary flow and/or oxygen 

supply could severely impair cardiac function leading to mechanical and electrical instability, 

which eventually become evident in the form of several pathophysiological conditions including 

ischemia/reperfusion (IR) and hypoxia.  
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Figure 3. Overview of the TCA cycle. 
NADH molecules produced at the TCA cycle are transported to the ETC where eventually will produce energy. 

 
Likewise, the adaptations to temperature changes and to workload (energy demand) are 

conditions that could affect the activity of the TCA cycle enzymes, having a direct relationship to 

the ATP production rate. Traditionally, the temperature of a system has been associated with the 

kinetic energy of the molecules that converge in it. Considering that the enzymes require internal 

flexibility for catalytic activity and most are dependent on protein dynamics, they have been 

associated with having a temperature-dependency that could range from sub-freezing 

temperatures to relative hot temperature well above the standard denaturation limit of 40 
o
C 

which determine their atomic displacement and dynamics [22]ï[24]. This dependency has been 

particularly considered for the heart, especially as an auxiliary therapeutic method to improve the 

outcome of patients after a cardiac arrest episode or when performing cardiac surgeries such as 

cardiopulmonary bypass by altering the tissue metabolism through the induction of hypothermia 

[25]ï[27]. Moreover, the several pathways responsible for the synthesis of ATP are closely 

related to those of ATP utilization so they can adapt to changes in energy demand, where the 

ATP is mostly used by myofibrillar actin-myosin ATPase to provide energy for contraction and 

relaxation accounting for approximately 76 % of myocardial energy expenditure [16], [28]. 
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Metabolite rates are highly influenced by the cardiac workload [29], where an increase of cardiac 

workload could cause a decrease in the NADH/NAD
+
 and acetyl-CoA/CoA ratios in response to 

an increased energy demand [30], as it is evident in the different requirements of a contracting 

heart. By implementing a reversible inhibitor of actomyosin ATPase such as 2,3-Butanedione 

monoxime (BDM), which has a negative inotropic effect in the heart by reducing the cross-bridge 

force production, it is possible to diminish the energy demand generated by cross-bridge cycling 

[31]ï[33] and thus reducing the ATP production rate. 

 

2.2.1 NADH as a reducing equivalent for ATP production 

NADH is an important molecule involved in many metabolic and redox reactions and in the 

cellular energy conversion process. The ability of the mitochondria to produce energy is a 

function of both the capacity of electron harvesting in the TCA cycle and the ability to convert this 

into ATP [34]. During aerobic metabolism, electrons are gathered from fuels to reduce NAD
+
 to 

NADH, primarily in the TCA cycle. NADH is subsequently oxidized to NAD
+
 as these electrons 

are donated to the ETC in the mitochondria. Electrons flux down the ETC, establishing a proton 

gradient across the inner mitochondrial membrane that is used to produce ATP. Therefore, NADH 

is an important intermediate in cellular energy production. Changes in NADH concentration are 

often studied by illuminating tissues with ultraviolet (UV) light as NADH possesses endogenous 

fluorescence (Figure 4). 

Figure 4. NAD
+
/NADH redox reaction. 

NAD
+ 
is reduced to form NADH, whereas, NADH is oxidized to form NAD

+
. NADH is excitable by UV light at ~365nm and 

emits light in the blue band spectrum.  
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2.2.2 Optical measures of cardiac metabolism 

The intrinsic absorption and fluorescence imaging of cardiac tissue and cells have been 

extensively used to measure many physiological parameters ranging from the intracellular oxygen 

delivery through the myocardial optical absorbance changes [35] to the application of fluorescent 

molecular probe to selectively monitor the intracellular content of a wide range of biological 

substances including Ca
2+

, Mg
2+

, Zn
2+

, proteins, among others [36] and particularly the 

fluorescence changes of flavoproteins and NADH [37]. 

 

In general, the source of fluorescence photons will be determined by the fluorophore 

molecules that have absorbed through the excitation light and have relaxed to the ground state 

via fluorescence emission [38]. In this case, due to the property that NADH is naturally excitable 

by UV light at ~365 nm with an emission fluorescence in the blue band (465-480 nm) and 

considering that mitochondria is the source of most NADH fluorescence [39], the mitochondrial 

NADH fluorescence (fNADH) has been extensively used as an efficient indicator of intracellular 

oxygen concentration and changes in metabolic states [40]. Changes in the fluorescence signal 

indicate a change in the balance between NADH production and utilization. A rise in the 

fluorescence amplitude may indicate an oxygen limitation which could lead to a progressive 

accumulation of NADH until reaching a fully reduced state. Likewise, a decrease in the 

fluorescence signal could be an indication of NADH oxidation caused by the administration of a 

mitochondrial uncoupler such as the protonophore carbonyl cyanide m-chlorophenylhydrazone 

(CCCP), which alters the mitochondrial proton gradient [41].  Although monitoring the balance 

between NADH production and utilization is informative through the measurement of changes in 

NADH fluorescence, it does not provide insight into the absolute rate of NADH production, and 

thus, the combined activity of the enzymes that produce NADH. 
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2.3 Cardiac electrical activity 

 

The inherent conduction system of the heart consists of a set of highly synchronized and 

adaptable processes that regulates myocardial contractions to ensure efficient pumping. The 

basic electrical pathway starts with the generation of an electrical signal, the cardiac action 

potential, in the sinoatrial (SA) node located in the right atrium. The SA node acts as the heartôs 

natural pacemaker by presenting spontaneous depolarization for generating the normal cardiac 

rhythm [18], passing to the atrioventricular (AV) node located at the base of the right atrium near 

the septum, then through the bundle of His located down the septum and around the tip of both 

ventricular chambers and finally to the purkinje fibers which are small fibers propagated 

throughout the ventricular myocardium [42]. The frequency of the SA node depolarization and 

consequently the heart rate is modulated by both sympathetic and parasympathetic efferent 

innervation [18]. 

 

In addition, the electrical excitability in the form of cardiac action potentials consists in an 

intricate sequence of openings and closing of ion channels (Ca
2+

, Na
+
 and K

+
) expressing an 

electrical potential across the plasma membrane (Em) and comprising four phases: a large and 

rapid upstroke (phase 0), a transient depolarization (phase 1), plateau (phase 2), repolarization 

(phase 3) and returning of the membrane potential to the resting level during diastole (phase 4) 

[19], [43] (Figure 5). Also, besides the voltage-gated channels which play a key role in the cellular 

bioelectrical signaling, there are other ion channels that modulate the heart's electrical activity 

during different metabolic situations. An example is the family of K
+
 channels, more specifically 

the inwardly rectifying K
+
 channels (IRKs) which maintain membrane potential and control cell 

excitability [44], [45]. Two of the most regulated IRK channels are the cardiac atrial muscarinic-

gated channel or G-proteinïactivated K
+
 current channel, IKACh, involved in the regulation of 

pacemaker activity of SA node cells [46] and the ATP-sensitive K
+
 channel, IKATP, having the 

potential to modulate energy metabolism in the heart by coupling cell excitability to cell metabolic 

state [47]. 
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Figure 5. Phases of a normal human cardiac action potential in nonpacemaker cells.  
Cardiac action potential duration range from 200-400ms with an approximate amplitude of 100-120mV. [48]  

 
The main regulatory feature of IKATP channels is the reversible closure by cytoplasmic ATP 

and activation by nucleotide tri and diphosphates [49]. Under normal metabolic conditions, IKATP 

channels are closed by the non-hydrolytic binding of ATP and since the cellular levels of cytosolic 

ATP concentration are relative low with little change with metabolism, it is considered that the 

ATP is sufficient to inhibit channel activity. However, when metabolism decreases, IKATP channels 

are activated by the interacting effects of Mg-nucleotides, especially MgADP [45], [49]. The 

opening of IKATP channels allows on vascular smooth muscle cells the efflux of K
+
 resulting in the 

closing of voltage-gated Ca
2+

 channels [50]. The activation of IKATP channels has been particularly 

studied during conditions of high metabolic stress such as ischemia and hypoxia, where it has 

been shown to provide protection from damage during these conditions by shortening the action 

potential and limiting Ca
2+

 entry and contractility; conversely, in this state the refractory period is 

also reduced supporting reentry and prompting an arrhythmogenic substrate [51].  

 

2.3.1 Techniques to measure electrical activity 

 Cardiac function highly depends on the electrical signal that arises from the different 

pathways that initiate and regulate contractions of heart muscle, thus investigating the 

electrophysiologic mechanism of the heart is of great interest to developing better therapies for 

arrhythmias and other pathological conditions. The most common technique to record the 
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electrical activity of the myocardium is the electrocardiography (ECG); however this only displays 

an overall projection of the electrical heart field by recording the summation of cardiac action 

potentials from atrial and ventricular muscle cells [52] without providing detailed information at the 

cellular level from a specific region. Different methods have been considered to provide 

information of cellular action potentials including surface-contact electrodes (monophasic action 

potential ï MAP), optical mapping and transmembrane microelectrodes.  

 

MAP records extracellular potential by measuring the potential difference between its two 

electrodes (ñexploringò and ñreferenceò) [53] providing a representation of the transmembrane 

action potential from the exterior of the cell. However, the major limitations of MAPs are the 

significantly lesser magnitude (10-40 mV) [54] than physiological amplitudes (90-120 mV) and the 

inability to obtain potentials from a single cell.  

 

For optical mapping, a fast-response voltage-sensitive dye such as RH421 and di-1-ANEPPS 

is commonly distributed to the heart through coronary perfusion and bound to cell membranes 

[55]. The dye molecules fluoresce light proportional to transmembrane voltage [56] that can be 

captured by a high-speed camera [57]. Although optical mapping is extremely informative and 

versatile by being able to record cardiac electrical activity throughout large portions of the heart at 

the same time, there is evidence that suggest possible pharmacological effects of the dye 

including slowing of conduction velocity [58] and phototoxicity [59], as well as other limitations 

such as the inability to record physiological potentials and from a single cell. 

 

Transmembrane microelectrodes typically made of glass, record intracellular action potentials 

by measuring the potential difference between a reference electrode (usually made of Ag/AgCl) 

located at the bath solution and the glass electrode used for the impalement (typically filled with a 

highly concentrated salt solution, e.g. 3 M KCl and a Ag/AgCl wire as the conduction channel). 

Transmembrane microelectrodes provide the advantage of measuring action potentials from a 

single cell with physiological parameters (amplitude, rise time and duration). However, the lack of 
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a cardiac stabilization device along with a localization mechanism to impale the heart, make this 

option more susceptible to have a broken tip which could induce electrical imbalances by 

disrupting the tip potential. 

 

Moreover, because of the significant motion of a beating heart, optical mapping and 

microelectrode techniques often rely on mechanical uncouplers such as 2,3-butanedione 

monoxime (BDM) and blebbistatin to suppress cardiac contractions [55], [60], [61], limiting the 

applications to record transmembrane potentials during physiological conditions. Although several 

solutions have been proposed to avoid the use of such uncouplers by implementing ratiometric 

dyes and tracking algorithms to optically map a contracting heart [62], [63] and floating 

microelectrodes, they all suffer from the same drawbacks previously mentioned.   

 

2.4 Cardiac ischemia and hypoxia 

 

Considering the insufficient availability of O2 during ischemia and hypoxia, oxidative 

metabolism fails to cause a shift in glucose metabolism from oxidative phosphorylation to 

substrate level phosphorylation (glycolysis) [64] during the first few minutes from the onset. This 

form of metabolic inhibition results in a progressive and continuous decrease of ATP production 

with the TCA cycle practically arrested leading to an accumulation of cytoplasmic NADH with a 

considerable rise in the NADH/NAD
+
 ratio and an increased production of lactic acid with a further 

accumulation of H
+
 ions [65]ï[67].  Likewise, as the levels of ATP reach critical levels, the 

sarcolemma Na
+
/K

+
- ATPase and the sarcoplasmic reticulum (SR) Ca

2+
-ATPase become 

ineffective, resulting in an increased of Na
+
 and Ca

2+
 [67]. As a cardioprotective measure, IKATP 

channels open promoting changes in the K
+
 flux across the sarcolemma (Figure 6), inducing the 

shortening of the action potential and decreasing Ca
2+

 influx via the cell L-type Ca
2+ 

channels, 

thus preventing Ca
2+

 overload and a further decrease of the ATP pool [66], [68], [69]. 
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Figure 6. Effect of IKATP channel inhibition on action potential duration (APD) during deoxygenation in Langendorff 
rabbit hearts. 

APD shortening was reduced in hearts perfused with Tolbutamide (IKATP channel blocker) during deoxygenation. However, 
hearts were more prone to APD reduction without Tolbutamide perfusion, indicating the opening of IKATP channel during 

hypoxia. [70] 

 
Although the prompt restoration of nutrients and oxygenation is essential to salvage viable 

myocardium, it could exacerbate tissue injury through the reperfusion injury. There are several 

mechanisms that contribute to the pathogenesis of the reperfusion injury but it is considered that 

the increment of cellular calcium and reactive oxygen species (ROS) (already initiated during 

ischemia) are two of the main factors involved [71]. Activation of the Na
+
/Ca

2+
 exchange leads to 

substantial Ca
2+

 influx [72], causing the activation of the Ca
2+

 domains of the mitochondrial 

permeability transition pore (mPTP) leading to mPTP opening and eventually cell death as cells 

cannot maintain appropriate ATP levels due to the inhibition of ATP synthesis [73]. Likewise, 

considering that the complexes I and III of the ETC are kept under a reduced state during 

ischemia, increasing ROS production resulting in oxidative stress, it is considered that this 

pathogenic mechanism is aggravated upon reperfusion leading to cell toxicity [71].  

 

Several approaches such as therapeutic hypothermia [74], [75] and ischemic conditioning 

[76] have shown promising results in reducing infarct size and improving cardiac function after a 

bout of ischemia/reperfusion, however, the development of many ischemic and pharmacological 

cardioprotection strategies have failed to do the translation from experimental studies to clinical 

practice in order to improve clinical outcomes. Therefore, to maximize the likelihood of having a 

successful translation, it is of great importance to be able to fully and accurately assess cardiac 
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metabolism and electrical activity during physiological and pathological conditions by 

implementing novel controls and measurement techniques.  

 

2.5 Autonomic control of cardiac function 

 

 The cardiac autonomic system is the prevailing modulator of normal physiological functions of 

the heart including cardiac output, heart rate and contractility. Autonomic dysfunction is 

considered to play a key role in cardiac arrhythmogenesis (e.g. atrial and ventricular fibrillation) 

which may occur at various levels of the autonomic system including the intrinsic and extrinsic 

systems [77]. The extrinsic system comprises the nerve fibers that connect the central nervous 

system (brain and spinal cord) to the heart. The intrinsic system involves the autonomic fibers 

mostly located on the surface of the heart including the ganglionated plexi that form synapses 

with the sympathetic and parasympathetic fibers entering the pericardial sac [78], [79] (Figure 7). 

The sympathetic and parasympathetic systems work in synchrony to maintain and to adapt to 

cardiac requirements and conditions, yet they have very specific stimulatory or inhibitory effects 

via adrenergic and muscarinic receptors.  

 

 2.5.1 Sympathetic stimulation in the heart 

Sympathetic innervation originates in the superior cervical ganglia, stellate (cervicothoracic) 

ganglia and thoracic ganglia connecting to the atria and ventricles including the SA and the AV 

nodes (Figure 7). During sympathetic stimulation, catecholamines such as its primary 

neurotransmitter norepinephrine (NE) and epinephrine, which are derived from the enzyme 

tyrosine hydroxylase (TH), are released from dense core vesicles at the nerve terminals and 

bound to ɓ-adrenergic receptors coupled to Gs-proteins on cardiac myocytes  [80], [81]. This 

activates the second messenger cyclic adenosine monophosphate (cAMP) increasing Ca
2+

 entry 

into the cell and enhancing release of Ca
2+

 from the SR triggering a positive inotropic response 

(increase of contractility). G-proteins also augment the opening of ion channels (funny current) in 

the SA node, inducing a positive chronotropic response (increase of heart rate) (Figure 8). 
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Likewise, ɓ-adrenergic activation has also the potential to facilitate the onset of arrhythmias by 

inducing calcium overload, spontaneous calcium release from the SR and propagation of early 

afterdepolarizations [82][83]. 

 

 2.5.2 Parasympathetic stimulation in the heart 

Parasympathetic innervation originates in medial medullary sites and mediated by the vagus 

nerve. Long preganglionic fibers travel over the vagus nerve converging between the superior 

vena cava and the aorta on the way to the SA and AV nodes [79] (Figure 7). During 

parasympathetic stimulation, its primary neurotransmitter acetylcholine (ACh), synthetized by 

the enzyme choline acetyltransferase (ChAT), is released from small synaptic vesicles and 

bound to muscarinic receptors coupled to Gi-proteins on cardiac cells [80], [81]. Gi-proteins lead 

to the decrease of cAMP and the activation of IKACh channels resulting in the hyperpolarization of 

cells and increase of potassium efflux causing a decrease in the slope of spontaneous 

depolarization and inducing a negative chronotropic effect (decrease of heart rate) (Figure 8). 

Also, to a lesser extent, vagal activation innervates atrial and ventricular muscles triggering a 

negative inotropic response (decrease of contractility). Likewise, cholinergic stimulation could 

also be part of the initiation and maintenance of supraventricular arrhythmias (including atrial 

fibrillation) by allowing the efflux of K
+
 through IKACh channels which contributes to the shortening 

of the effective refractory period and to the acceleration of the cardiac repolarization, increasing 

the probability of re-entrant arrhythmias [84].   
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Figure 7. Autonomic innervation of the heart. 
The cardiac sympathetic ganglia connect to the atria and ventricles including also the SA and AV nodes. Parasympathetic 

stimulation is mediated by the vagus nerve. [81] 

 

Figure 8. Changes in heart rate upon electrical stimulation of sympathetic and parasympathetic branches. 
Stimulation of the right stellate (s) ganglion (sympathetic) caused a considerable increase in heart rate, whereas 

stimulation of the left vagus (v) nerve (parasympathetic) caused a profound decrease in heart rate. [85] 
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2.6 Cardiac optogenetics 

 

The study of the controlled mechanism of the interplay between the autonomic nervous 

system and the myocardium is essential to gain insight into neurocardiac physiology as well as 

pathologies and their potential treatments. However, this could be extremely challenging 

particularly for in-vivo experiments and in isolated perfused heart studies, where a close 

replication of autonomic function is desired. Electrical stimulation of the vagus nerve 

(parasympathetic) and thoracic sympathetic ganglion [86]ï[89] have been used to recapitulate 

neurotransmitter release mechanism. Although this technique provides the means for controlling 

the activation of cardiac nerve, it does not provide high specificity for nerve type since it can 

potentially stimulate both efferent and afferent nerves and could produce areas of de- and 

hyperpolarizations [90]. Pharmacological interventions have also been used to modulate 

autonomic tone by administrating exogenous neurotransmitters (or their analogues) through the 

coronary circulation [91], [92]. While this approach could provide insight into receptor sensitivity 

and expression within the myocytes, it does not follow the normal pattern of neurotransmitter 

release including temporal precision, and is not able to have selective activation due to ubiquitous 

stimulation of receptors.   

 

Optogenetics has been proposed to overcome many of these issues. It consists in the 

combination of genetic and optical methods to control with high spatiotemporal resolution the 

response (inhibitory or excitatory) of cells in living tissue through the activation of light-gated ion 

channels and pumps (microbial opsins) [93]. Optogenetics was originally developed for 

neuroscience [94] but recent developments have expanded this technique to cardiovascular 

research, providing new tools for investigating neurocardiac mechanisms. The discovery of the 

fast microbial opsin channelrhodopsin2 (ChR2) which has the ability to generate enough 

photocurrent, has brought promising results to optically stimulate and control mammalian cells by 

conducting cations down their electrochemical gradient once light-activated and opened [95]. 
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Thus, by coupling light-sensitive protein ChR2 to specific heart cells, it is possible to create light-

responsive heart tissues (Figure 9 & Figure 10).  

 

2.6.1 Optogenetics for selective tissue excitation 

The ability to control and observe the function of specific cells in complex multicellular 

systems such as the heart, requires the capability to modulate the response at a cellular level and 

with millisecond resolution while not perturbing the function of other cells. Thus, the genetic 

encoding of light-sensitive proteins (opsins) into targeted cells allows the precise manipulation of 

biological functions including the control of membrane potential, intracellular concentrations and 

gene expressions [96]. A variety of different opsins has been discovered which, upon illumination 

with appropriate wavelength, can produce either an inhibitory or excitatory response. Inhibitory 

opsins such as Halorhodopsin (Halo) and Archaerhodopsin (Arch) when expressed in the cell 

membrane, can hyperpolarize the neuron by actively pumping Cl
-
 or H

+
, respectively, into the cell 

inhibiting neural activity [97], [98].  

Figure 9. Optogenetic blue light photo-stimulation of sympathetic cells in murine hearts. 
Heart rate and contractile force significantly increased upon photo-stimulation of sympathetic cells. (*) photo-stimulation, 

(+) addition of isoproterenol. [99] 
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On the other hand, excitatory opsins such as ChR2 undergo a conformational change upon 

photostimulation at approximately 470 nm, resulting in an increase ionic permeability with 

molecules flowing passively (Na
+
) [96], [100] (Figure 10). ChR2 proteins can generate sufficient 

photocurrent capable of triggering action potentials and as they are Ca
2+

 permeable [101], an 

attribute linked with neurotransmitter release (Ca
2+

 influx), such light-induced action potentials 

could play a pivotal part in neurotransmitter release [98].    

Figure 10. Optogenetic activation mechanism in a neuron. 
(A) A specific neuron expresses ChR2 (green dots) in its cell membrane. (B) Photostimulation at ~470nm is applied to the 

neuron by using brief pulses of light. (C) ChR2 proteins are activated allowing positive ions to enter the cell and 
generating enough photocurrent to induce the triggering of action potentials. (D) Only the neurons expressing ChR2 

proteins are activated (green highlights) while leaving the others unaltered. [102]  

   
Precise cell-type activation can be accomplished by regulating ChR2 expression using Cre-

loxP recombination and cell-specific promoters. Cre-loxP recombination has been used for 

manipulating the genome in living systems, enabling with the promoter, cell-specific regulation of 

gene expression in-vivo [103]. In a transgenic implementation of this system and in order to 

activate conditionally transgene expression, a Cre responder animal would have a loxP-flanked 

STOP cassette located between the promoter and the ChR2-enhanced yellow fluorescent protein 

(EYFP) fusion gene to ensure that transcripts containing the coding region are generated, thus 

activating expression of the transgene [104]ï[106]. Fluorescent proteins such as YFP are used to 

facilitate visualization in opsin-expressing cells [107]. This animal would then be mated with a Cre 
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driver animal that expresses Cre recombinase under the control of a cell-specific promoter such 

as tyrosine hydroxylase (TH, sympathetic neurons) or choline acetyl- transferase (ChAT, 

parasympathetic neurons) [106]. The progeny would then have promoter-specific expression of 

ChR2-EYFP only in targeted cells. ChR2 expression could potentially be used for many 

applications ranging from optical pacing and defibrillation [108] to the study of basic science by 

inducing dynamic inhomogeneities with patterned illumination [109].  
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Chapter 3 ï General Material and Methods 

 

3.1 Heart isolation and perfusion 

 

Animal protocols were approved by The George Washington Universityôs Animal Care and 

Use Committee. All experiments were performed in accordance with the Guide for the Care and 

Use of Laboratory Animals published by the National Institutes of Health. Human protocols were 

approved by the George Washington Universityôs Institutional Review Board. Wild-type and 

transgenic mice (26±7.3 g), Sprague-Dawley rats (310±16.08 g, either sex), Hartley guinea pigs 

(968±31.40 g) and human LV wedge from de-identified discard heart tissue donors were used in 

the studies. Mice were anesthetized through inhalation of 2-4 % isoflurane. Rats were 

anesthetized via an intraperitoneal injection of Telazol (40 mg/kg) and then subjected to 

inhalation of 2-4 % isoflurane. Guinea pigs were anesthetized with an intraperitoneal injection of 

Ketamine/Xylazine (50 mg/Kg: 5 mg/Kg body mass) and then subjected to inhalation of 2-4 % 

isoflurane (if needed). Once the cessation of toe-pinch reflex had been confirmed, the heart was 

quickly excised and submerged in an ice-cold solution to delay its metabolism while it was been 

cannulated via the aorta. In the case of the LV wedge preparation, a similar protocol as previously 

reported was followed [110]. Briefly, a lateral marginal artery was isolated and cannulated from a 

transmural segment of the posterior-lateral LV free wall. To maintain pressure, any major arterial 

leak was ligated with silk suture. Once hearts were properly cannulated they were placed in a 

constant pressure (60-70 mmHg) Langendorff perfusion system (Figure 11) with oxygenated (95 

% O2, 5 % CO2) modified Krebs-Henseleit (KH) solution containing, in mM: 118 NaCl, 4.7 KCl, 

1.25 CaCl2, 0.57 MgSO4, 1.17 KH2PO4, 25 NaHCO3, 6 glucose and 500mU/L insulin. A constant 

temperature (å 37 
o
C) was maintained in the system. Exogenous fatty acids were not added to 

the perfusate mainly because in isolated heart preparations the availability of endogenous fat is 

sufficient to properly maintain cardiac mechanical function for at least 60 min [111], which 

provided for the completion of our protocols. 
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Figure 11. Typical Langendorff perfusion system used to sustain cardiac function during the studies. 
Physiological temperature is maintained through the circulating KH solution and constant pressure is achieved at the 

aortic-cannula junction. 

 
 3.2 Electrocardiogram (ECG) measurements 

 

Three needle electrodes following the Einthovenôs configuration are used to measure the 

electrocardiogram (Figure 12). One positioned (negative) close to the right atrium, one close to 

the apex (positive) and one close to the left atrium (ground). The signal is then amplified (2122i 

Bioamplifier, UFI or Dagan EX4-400 Bioamplifier) and filtered before being sent to the data 

acquisition device (PowerLab 8/35, ADInstruments) and seen in real time (LabChart, 

ADInstruments). 
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Figure 12. Representative ECG. 

The P wave represents atrial depolarization (contraction), QRS complex represents ventricular depolarization 
(contraction) and T wave represents ventricular repolarization (relaxation). 

 
3.3 Statistical analysis 

 

Statistical analyses were performed using Minitab 16 and Microsoft Excel 2010. Data are 

presented as mean ± standard error of the mean. A paired t-test or an analysis of variance 

(ANOVA) general linear model (GLM) with Tukey post-hoc test, as appropriate, was used to 

compare between different groups. Significance was defined as p<0.05. An AndersonïDarling 

test was performed to determine normality in the data.  
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Chapter 4 ï Detachable Glass Microelectrodes for Recording Action Potentials in 

Contracting Hearts 
 

4.1 Abstract 

 

We describe new detachable floating glass micropipette electrode devices that provide 

targeted intracellular recordings in contracting hearts without requiring mechanical restraint or 

pharmacological inhibition of tissue motion. The technology is based on the concept of a glass 

micropipette electrode that is held firmly during cell targeting and intracellular insertion and is then 

gently released to remain recording action potentials within the moving organ. The 100 µg 

microdevices provide long-term measurements of action potentials, even during millimeter-scale 

movement of tissue in which the device is embedded. We demonstrate two different glass 

micropipette electrode holding and detachment designs appropriate for the heart including sharp 

glass electrodes for cardiac myocytes in rats, guinea pigs and humans. We explain how this 

technology enables measurements of multiple cells within a moving heart that are typically 

difficult with other technologies. 

 

4.2 Introduction 

 

Measurements of cellular transmembrane voltage and current using glass microelectrodes 

are of fundamental importance for multiple scientific disciplines, including neuroscience and 

cardiology [112], [113]. Micrometer-scale spatial resolution, sub-millisecond time resolution, 

picoamp current and millivolt voltage sensitivities, along with the relative ease of preparing 

microelectrodes using glass micropipettes have made the technique invaluable for studies of 

single cell electrophysiology. Two similar, but technically distinct, glass microelectrode 

technologies have emerged for electrophysiology experiments: the sharp glass microelectrode 

[114] and the patch glass microelectrode [115]. 
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Sharp glass electrodes have tip diameters in the tens of nanometers range, are filled with 

solutions having high salt concentration, and have relatively high impedance (10-100 MÝ). Their 

nano-scale tips provide simple and, for the most part, non-destructive transmembrane probing 

with minimal dialysis of the cell and without the need for pressure handling of the electrode filling 

solution. In contrast, patch glass electrodes have tip diameters in the range of 1-2 microns and 

therefore have low impedance (3-10 MÝ) [116], [117]. In the measurement of action potentials 

using a whole-cell patch the electrode solution closely matches the ionic composition and 

osmolarity of the cytosol. Glass patch electrodes are popular because they provide high quality 

seals to the cell membrane (giga-seals) and, for whole-cell patches, provide a well-controlled 

membrane break to access the intercellular space. One caveat is that the micrometer scale tip of 

patch glass electrode makes the cell prone to a higher rate of dialysis; and sealing to and 

breaking through the cell membrane requires an electrode holder that has an additional port for 

appropriate pressure handling of the electrode filling solution [115].  

 

Transmembrane measurements using glass microelectrodes are extremely sensitive to 

motion due to the nanometer-scale distance across which the measurement is performed, 

necessitating care in sample handling and probe stability during measurement. Motion 

compensation is the main challenge when performing measurements from single cells within 

active organs, especially in contracting hearts. To overcome this challenge, the heart is often 

mechanically inactivated through restraint or pharmacological inhibition of motion [118]ï[120], 

which can alter normal cardiac function thereby limiting the physiological insight provided by the 

measurement.  

 

The challenge of motion compensation is exemplified by the sheer orders-of-magnitude 

difference between the interface of the electrode and cell membrane and the motion of an active 

organ. For example, the local epicardial deformation of a healthy beating rodent heart can be 

several millimeters while local deformations within a rodent brain caused by blood flow, 

respiration, and chewing can be several micrometers. Such deformations are orders of magnitude 
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larger than the nanometer thick cell membrane across which intracellular recordings occur. 

Further compounding the challenge of local deformation is that living organs, such as the brain 

and even sections of the heart like the atrium, can be extremely soft, with Youngôs modulus 

values [121] between 0.1-1 kPa, relative to the glass of micropipettes, which have Youngôs 

modulus values between 10-100 GPa. Several technologies have been developed to 

accommodate the enormous differences (in both space and mechanical properties) between 

glass electrodes and the cell membrane, with the aim of maintaining the interface between the 

electrode tip and the cell membrane while an organ is active and in motion. Such technologies 

include floating, flexible, and pneumatic mounting of glass electrodes [122]ï[127], electrode 

fixation to the tissue and complex fixtures to hold electrodes [128]ï[130], and optical feedback-

based electrode stabilization [131].  

 

In contrast to previous floating electrode technologies [118], [132]ï[134], we have developed 

precisely targeted detachable free-standing floating glass microelectrodes, at least an order of 

magnitude lighter than previously reported floating electrodes (100 µg vs. 4.5-75.5 mg) (Table 1), 

that provide long-term action potential recordings from cells within contracting hearts. 

Furthermore, these microelectrodes are simple to build, handle, and use. They are based on the 

concept of glass micropipette electrodes that are held firmly while targeting the active tissue 

under microscopic observation and impaling the cell membrane. The innovation is that, once a 

desired cellular connection is achieved with a rigid device, an extremely lightweight (~100 µg) and 

small (~6 mm length and 100 ɛm diameter) sharp glass microelectrode is gently released within 

the tissue without altering the physiological conditions of the heart. The microdevice then remains 

floating within the moving heart while providing continuous and stable action potential parameter 

measurements. In this design and protocol strategy, our devices operate in a manner similar to 

that of conventional glass micropipette electrodes and are used with conventional 

micromanipulators, glass electrode holders, and intracellular electrode amplifiers, while at the 

same time providing high control of the precise location of impalement within active-moving 

organs.  Table 2 shows a representative comparison of the measured action potential parameters 
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recorded with our device versus other techniques reported for measuring cardiac action potentials 

during similar experimental conditions, indicating that our technology does not degrade many of 

the parameters of interest in a significant way. 

 

4.3 Methods 

 

4.3.1 Heart preparations 

Hearts from Sprague-Dawley rats, Hartley guinea pigs and human LV wedge from de-

identified discard heart tissue donors were used and Langendorff perfused as previously 

described in 3.1.  An electrocardiogram (ECG) was continuously acquired as described in 3.2. 

 

4.3.2 Basic components for microdevice preparation  

 

4.3.2.1 Conductive solution 

Considering the potential interference (junction potential) between two salt solutions of 

different ionic composition or concentration between the microelectrode and the solution in study, 

a highly concentrated Potassium Chloride (3 M KCl) solution was used to minimize it. In this case, 

the ñdiffusion of KCl from the salt bridge predominates and potential changes due to alterations in 

salt concentration in the bath are smallò [135]. The conductivity of the 3 M KCl was measured 

using a conductive meter (Acorn CON 6 Meter, Oakton) and was established as 326.71 mS/cm. 

 

4.3.2.2 Ag/AgCl wire 

A 99.99 % silver wire with a resistivity of 1.46 ɛɋ.cm and a diameter of 0.001 inches 

(California Fine Wire Company) was chlorided and used as the conduit for electrical potential 

between the cell and the electrode as Ag/AgCl exchange electrons for Cl
-
 ions in solution. It is 

recommended to use silver wires with an insulation material to minimize external electromagnetic 

noise and the occurrence of undesired short circuits. Thus, the first task is to briefly remove this 

insulation at both ends of the wire, one that will be the Ag/AgCl section inserted in the 
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micropipette and the other that will be connected to the pre-amplifier headstage. A butane torch 

(503TORCH) was used to remove approximately 0.5-3 mm of insulation material until the silver 

section was completely exposed. The 0.5 mm section of silver wire was chlorided by immersing 

the wire into common household bleach (Clorox) for about 2-3 min or until it had a purplish color 

which indicated an adequate chlorification. Another method to chloride the wire is to immerse it 

into a saline solution (e.g. 1 M KCl) and passing a current of 1 mA/cm
2
 for less than a minute or 

until it is adequately chlorided. Approximately 8 cm of silver wire is used in total, however this 

length could change depending the distance between the microelectrode and the headstage, 

although is recommended to keep it as short as possible to avoid any more motion artifact. 

 

4.3.2.3 Standard glass electrode 

A borosilicate glass pipette with an O.D. 1 mm, I.D. 0.58 mm and an inner filament channel 

(BF100-58-10, Sutter Instrument) was pulled using a horizontal puller (P-97 Flaming/Brown 

Micropipette Puller, Sutter Instrument) following a custom software to form a micropipette with a 

tip diameter in the tens of nanometers. Immediately after, the micropipette was backfilled with the 

3 M KCl solution using a microneedle (MicroFil MF34G, World Precision Instruments). In this 

stage, only a few drops positioned at the end of the capillary glass (opposite to the tip) are 

necessary to initiate the tip filling process as the suction pressure of the filament takes the KCl 

solution smoothly to the tip without creating bubbles.  

 

4.3.3 Detachable sharp microdevice preparation 

 

4.3.3.1 Suction release approach 

Standard sharp glass electrode was heat-pulled on a conventional table-top puller (Model P-

97, Sutter Instrument Co.), back-filled with a 3 M KCl solution and held in a horizontal orientation 

on an XYZ positioner under the inspection microscope. The electrode was then grabbed by the 

soft-tubing-jacketed tweezers (Small Parts Part# IRI-U2016C-01)), scored with a scribe (Ted 

Pella), cracked, and fitted with a 25 µm diameter insulation coated silver wire (California Fine 



30 
 

Wire Co.). Prior to insertion, 0.5 mm length of insulation at the end of the silver wire has been 

heat-stripped (Master Appliance Model MT-51) and chlorided in bleach for several minutes for 

stable electrical connection to the electrode salt solution. The other end of the silver contact wire 

has been heat-stripped (approx. 2-3 mm) and connected to the amplifier connector pin by silver 

paint (Ted Pella). A melted wax (Aquabond 55, Aquabond Technologies) on the tip of a hand-held 

dental mini-waxer heater (Almore International Model Mini-Waxer) was then administered so that 

it seals the back end of the sharp glass electrode. Additional non-contact heat was applied to the 

wax seal on the back end of the electrode by the heater so that it self-forms (due to surface 

tension) a smooth and hard wax sphere, typically 0.5 mm in diameter. A fire-polished 1 mm outer 

diameter glass holding micropipette, mounted on the XYZ positioner and connected at the back 

end to the laboratory vacuum line (suction pressure -2.33±0.07 psi), was then brought towards 

the spherical wax seal of the sharp electrode and pressed against it. The soft tweezers were then 

released and the electrode was held by the vacuum-suction at the end of the holding tube and 

was ready to use. With some practice and care, the devices are prepared within minutes and are 

typically made in-situ for immediate use. See Appendix A for more details. 

 

4.3.3.2 Electrical release approach  

Standard sharp glass electrode was heat-pulled and held in a horizontal orientation on an 

XYZ positioner under the inspection microscope. The electrode was grabbed by the soft 

tweezers, scored, cracked, and fitted with a 25 micron diameter chlorided silver contact wire for 

stable recordings. A 1 mm outer diameter glass holding tube was fire polished to the smaller inner 

diameter, mounted on the XYZ positioner, and brought over the open back end of the sharp 

electrode. A melted wax on the tip of a hand-held dental wax heater was then administered so 

that it seals the joint between the holding pipette and the back end of the sharp microelectrode 

only on the outside of the joint, leaving open the inside connection between the sharp electrode 

and the holding tube required for pressure control, as Error! Reference source not found. 

shows. Finally, the holding tube was equipped with a heater coil (Omega, Nickel-Chromium Alloy, 

80 % Nickel-20% Chromium Resistance Heating Wire Model NI80-010) for the eventual electrode 
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release. These devices can also be prepared within minutes and are also typically made in-situ 

for immediate use. See Appendix A and B for more details. 

 

4.3.4 Cardiac recordings 

The microdevices were mounted on a XYZ micro-manipulator that allowed for precise 

impalement localization. Next, the microdevice was connected to the headstage of the 

intracellular pre-amplifier (IX2-700 Dual Intracellular Preamp, Dagan Corporation). Normally the 

headstages have an opening for the adapters, but since this is a detachable microdevice with 

only a silver wire as the connector, a pin at the headstage was used instead of the adapter. The 

wire was then attached to the pin by applying a thin coating of conductive silver paint (volume 

resistivity = 0.0002 Ý.cm, Ted Pella). Then, a reference electrode (Ag/AgCl pellet) was connected 

from the ground section of the headstage to the electrolyte where the heart was located. This 

pellet helps to minimize potential offsets and improve stability in the recording over time. The 

microdevice was then put in contact with the electrolyte and the initial offset was calibrated in the 

pre-amplifier to zero potential. The signal was sent from the 10X output channel of the 

intracellular pre-amplifier to the data acquisition device (PowerLab 8/35, ADInstruments) and 

observed in real time (LabChart, ADInstruments). 

 

4.3.4.1 Stabilization tools 

The considerable motion of a contracting heart often requires a mechanism that could 

constraint its movement at least temporarily so the microelectrode impalement occurs in a 

smooth and controlled manner. Therefore, two approaches were considered, a cardiac chamber 

and an immobilization fork. The cardiac chamber was used to contain the heart but without 

causing any perturbation to the cardiac motion. This partially limits the horizontal movement of 

the heart which helps to obtain a more stable setup. Also, it contains several drainage channels 

to keep only half of the heart submerged to avoid any short-circuits with the electrical release 

mechanism (Figure 13). Nevertheless, the solution level in the chamber could be adjusted by 

opening or closing these channels. The chamber was made of a silicone elastomer 
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(Polydimethylsiloxane (PDMS), Sylgard 184) with a volume resistivity of 2.9x10
14

 ɋ.cm which 

acts as an insulator without causing any interference with the rest of the measurements. See 

Appendix B for more details. 

Figure 13. 3D design of the cardiac chamber. 
The chamber was made with PDMS, a transparent silicone elastomer with high resistivity. 

 
On the other hand, the immobilization fork (Figure 14) was attached to the XYZ micro-

manipulator (same one implemented for cardiac recordings) and used to physically contain the 

heart during the impalement process. Once the tip was detached from the holding pipette, the 

immobilization fork was retracted to avoid any ischemic injury at the site. See Appendix B for 

more details. 

Figure 14. 3D design of the immobilization fork. 
The fork temporarily restraints the heart for a smoother impalement. 

 
4.3.5 Impedance testing 

The tip of the microdevice was immersed in a 3 M KCl solution and a 1 nA square wave was 

passed through the pipette. A square wave was visible on the oscilloscope voltage trace which 

represented 1 mV/Mɋ of electrode resistance, obtaining a final impedance of 13±0.3 Mɋ.  
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4.3.6 Induction of hypoxia  

 Sharp glass microdevices were tested in rat and guinea pig hearts subjected to hypoxia. A 

control set of action potential studies were performed where the heart was not initially subjected 

to any perturbation, then the perfusate was bubbled with N2 gas to remove any dissolved oxygen 

during 5 min. Also, the microdevice was tested during a no-flow ischemia condition by physically 

stopping the flow of perfusate to the rat aorta during 4 min. 

 

4.3.7 Action potential duration (APD) reduction via activation of ATP-sensitive 

potassium channels 

5 µM of the ATP-sensitive potassium channel opener Pinacidil was administrated to the 

human LV wedge preparation to prompt a chemically-induced shortening of APD. A set of action 

potential data was acquired before and after the administration of Pinacidil to assess the overall 

changes in APD. 

 

4.3.8 Tracking the microelectrode 

Considering the significant motion of a beating heart, it was necessary to quantify the 

reproducibility of the cardiac contractions with respect to the ability of the microdevice to keep up 

with such movement. Therefore, two black dots (diameter ~1.15 mm) were positioned on top of 

the left ventricle; one was located directly on the surface using tissue adhesive (3M Vetbond) to 

analyze the contractions of the heart and another one was placed on top of a microdevice. Both 

dots were positioned less than 3-3.5 mm apart. A high-speed camera (60 fps) recorded the 

movement of 3-4 beats. The file was transformed to uncompressed AVI and uploaded to ImageJ 

(National Institute of Health) where a tracking algorithm was applied to analyze the motion 

performance of both- the heart and the microdevice [136]. The overall displacement from the first 

frame (to) of the microdevice and the heart respectively was calculated using the following 

equations: 

ȿἎἱἻἸἴἩἫἭἵἭἶἼȿ  Ўἦ  Ўἧ                                    Equation 1 

Ўἦ ἦἼ ἦἼἷ                                             Equation 2 
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Ўἧ ἧἼ ἧἼἷ                                             Equation 3 

where, X and Y are the coordinates for each dot calculated separately. Also, the overall 

magnitude of the separation between both - microdevice and heart was calculated using the 

following equation:  

ȿ ἾἭἫἼἷἺἻ ἵἱἫἺἷἬἭἾἱἫἭȟἬἷἼȿ  ἦἵἭἼ  ἦἰἼ ἧἵἭἼ  ἧἰἼ             Equation 4 

where, Xme, Yme and Xh, Yh are the coordinates for the microdevice and the heart respectively.  

 

4.3.9 Data analysis 

A custom Matlab program was written to analyze the data. APD was calculated from the point 

of the maximum upstroke derivative (Max(dV/dt)) to the point when the action potential reached 

50, 90 and 100% repolarization: APD50, APD90, APD, respectively. Likewise, total amplitude 

was measured from the resting potential point (d
2
V/dt

2
) to the peak of the AP and normalized 

using the following equation: 

▪═□▬■░◄◊▀▄◄
═□▬■░◄◊▀▄◄ ɀ═□▬■░◄◊▀▄□░▪

═□▬■░◄◊▀▄□╪●═□▬■░◄◊▀▄□░▪
                          Equation 5 

where Amplitude(t) is the amplitude in mV acquired during a study, Amplitudemax is the peak 

depolarization (phase 0) and Amplitudemin is the resting potential (phase 4). Only action potentials 

from a continuous and stable recording of at least one min were considered as control before the 

induction of hypoxia.  

 

4.3.10 Statistical analysis 

Statistical analyses were performed as described in 3.3. Briefly, data are presented as mean 

± standard error of the mean. A paired t-test was performed to compare groups with respect to 

control. Significance was defined as p<0.05. 

 

4.4 Results and discussion 

 

We have developed two types of release mechanisms for microdevice recording, one based 

on suction release and another based on electrical release, each able to adjust to the recording 
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conditions of a sharp glass electrode for the heart. We found that suction release provides a 

simpler, faster (instant release) and safer (no electricity involved near the heart) release than 

electrical release. Therefore, this was the preferred method chosen for releasing the microdevice 

during our studies (Figure 15); however, it requires a direct vacuum line to perform it, thus the 

electrical release was designed as a back-up method (Figure 16). Typical microdevice 

characteristics as compared to other floating electrode technologies are shown in Table 1. For the 

sharp glass microdevice, where there is no need to use pressure to manipulate the solution that 

fills the device, we apply low-pressure suction to the holding micropipette to create a vacuum seal 

with a wax sphere placed over the proximal end of the glass tip (Figure 15A). Upon placement of 

the microdevice within the myocardium it is detached from the holding micropipette by releasing 

the suction to leave the microdevice floating within the tissue (Figure 15B&C). Due to its small 

size, the device remains implanted to provide continuous recordings of action potentials from the 

beating heart (Figure 15E & Figure 17). In general, and as is common in conventional practice, 

our glass microelectrodes are not re-usable, and have to be prepared for each new targeted 

insertion trial. 

Table 1. Comparison of physical parameters with respect other glass electrodes. 
 Our floating glass microdevice was compared against other commonly used floating glass electrodes, resulting in a 

design that is consistently lighter and smaller than others. *These parameters were taken by building different types of 
glass electrodes used for floating measurements. 

  

Parameter 
Our floating glass 

microdevice 
Other glass electrodes 

Length of the electrode 6±0.1 mm 9-56 mm* 

Weight of the electrode 100±15 µg 4.5-75.5 mg* 

Impedance of the sharp electrode 13Ñ0.3 Mɋ 10-20 Mɋ 

 
4.4.1 Cardiac recordings  

Sharp glass microdevices were tested within contracting hearts from three species (rat, 

guinea pig, and human left ventricle (LV)). Action potentials were recorded from contracting 

myocardium while hearts were subjected to metabolic stresses including hypoxia, ischemia and 

reperfusion, and the activation of ATP-sensitive potassium (KATP) channels using pinacidil. The 

excised perfused heart preparations and experimental protocols are provided in the Methods. An 

example of a sharp glass microdevice attached to its vacuum holding micropipette is shown in 

Figure 15A. The microdevice consists of a 6 mm long 3M-KCl-filled sharp glass electrode fitted 
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with a chloridized silver wire (25 µm in diameter) and sealed with a hard, smooth wax ball 

(approx. 0.7 mm in diameter). The microdevice is suction-held by a fire-polished ~0.65 mm inner 

diameter glass micropipette that is mounted in a standard electrophysiological micromanipulator 

with course XYZ axes and a fine Z-axis. The end of the silver wire that is fitted inside the device is 

connected to the headstage of a standard intracellular microelectrode amplifier.  

Figure 15. Action potentials recorded from excised perfused unrestrained beating hearts using detachable sharp 
glass microdevice electrodes. 

(A) The glass micropipette holds the microdevice via gentle suction. (B) Approach of the holding glass micropipette, the 
microdevice, and the stabilization fork toward a beating heart. (C) Microdevice released on the beating heart. (D) 

Schematic diagram of the implantation process. (E) Representative action potentials from a beating guinea pig heart. 
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We found that temporary (1-2 min duration) local compression of the heart when implanting a 

microdevice is necessary to achieve stable cardiac action potential measurements. This is done 

using a custom-machined stabilization fork that is mounted on the coarse Z-axis of the 

micromanipulator (Figure 14). The holding micropipette with an attached microdevice is mounted 

on the fine Z-axis and moves together with the stabilization fork. The entire assembly is then 

advanced via the coarse Z-axis toward the heart under inspection microscope observation, 

providing accurate and reproducible control of the target location of the recording. An image of a 

microdevice and the stabilization fork as they approach a contracting guinea pig heart is shown in 

Figure 15B. Local stabilization, epicardial penetration, and release of a sharp glass microdevice 

are schematically detailed in Figure 15D(i-v). After approaching the heart (Figure 15D(i)), the 

stabilization fork temporarily locally constrains the epicardial surface (Figure 15D(ii)). The fine Z-

axis of the micromanipulator then advances the holding glass micropipette to pass the 

microdevice through the open groove of the fork and into constrained tissue. During this process 

the electrical potential measured at the distal tip of the microdevice is continuously monitored. 

Once a stable and satisfactory intracellular potential is detected (within 1-2 min of local 

compression) from a myocyte of interest (Figure 15D(iii) and Figure 15E), the suction within the 

holding glass micropipette is released to detach the microdevice. The holding micropipette is then 

retracted via the fine Z-axis of the micromanipulator (Figure 15D(iv)). The coarse Z-axis of the 

micromanipulator is then used to retract the stabilization fork and the holding micropipette away 

from the microdevice, which is left floating within the pulsating epicardial tissue (Figure 15D(v)) 

while recording intracellular action potentials (Figure 15E). We find that while AP amplitude can 

vary during the duration of the study (most likely due to access resistance change), many major 

AP parameters of interest remain stable and accurate as we describe below, without greatly 

sacrificing any AP parameter (Table 2). 
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Table 2. Comparison of electrophysiological parameters from cardiac ventricular action potentials in guinea pigs. 
Action potentials recorded with our microdevice closely follow physiological parameters obtained with other techniques. 

 

 

Figure 16. Electrical release mechanism.  
(A) Glass microdevice is held in a holding micropipette while allowing pressure access to the tip. (B) Images show the 

release of a glass microdevice. (C) Schematic diagram of cardiac cell targeting, cell attachment, and microdevice release. 

 
4.4.2 Changes in APD during metabolic stress conditions 

Our studies in unconstrained contracting rat hearts revealed that changes in APD during 

ischemia and reperfusion can be robustly measured for long periods using our microdevices. A 

goal was to continuously measure action potentials parameters (over 15 min) before, during, and 

after global ischemia and reperfusion using a single microdevice implanted in the LV (Figure 17). 

 
Our floating glass 

microdevice 
Other glass electrodes Optical mapping 

APA (mV) 90.3±2.1 100 [137] N/A 

Upstroke velocity dV/dt (V/s) 75.4±0.9 80-150 [137] N/A 

Rise time (ms) 3.1±0.4 2-4 [138] 8.2±0.7 [139] 

Suppression of motion No 
Typically [118], [120], 

[140] 
Yes 

APD (ms) - sinus rate 180±8.2 ~183 [141] 162±14 [138] 

APD (ms) - paced 171±2.9 (at 3.5Hz) 
~135-208 (at 3-4Hz)[142], 
[143], ~168-173 (at 3.3-

3.5Hz*MAP) [144] 

174±7 (at 3.3Hz) 
[139] 
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Perfusate flow to aorta was temporarily interrupted (ischemia) and restored (reperfusion) while 

action potentials were measured continuously. APD will shorten dramatically during ischemia, 

primarily due to increased efflux of cytosolic K
+
 resulting from the activation of KATP channels in 

the sarcolemmal membrane [145]. Sarcolemmal KATP channels are predominantly closed during 

normal conditions and open in response to elevations in the [ADP]/[ATP] ratio that occur when 

oxygen demand exceeds oxygen supply [67]. KATP channel activation and the resulting 

repolarizing K
+
 current shortens APD, which reduces Ca

2+
 influx via L-type Ca

2+
 channels, thus 

preventing cytosolic Ca
2+

 overload, shortening the Ca
2+

 transient, and limiting ATP consumption 

[66], [69]. Re-oxygenation of ischemic myocytes that are still viable will usually result in the 

closing of sarcolemmal KATP channels and lengthening of APD. This sequence of events is clearly 

indicated in the beat-to-beat measurement of the APD that was derived from a typical 

microdevice signal (Figure 17). APD shortened up to 60 % after cessation of aortic flow. Upon 

resumption of aortic flow (at minute 9) APD gradually (after approximately 3 min) increased to 

pre-ischemic levels. The significance of this result is that APD was measured without interruption 

during ischemia/reperfusion in an unconstrained heart, a process during which the myocardium 

dramatically changes shape: shrinking when vasculature is depressurized while flow is stopped 

and expanding when flow and vascular pressure are restored.  
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Figure 17. Action potential recording during ischemia/reperfusion. 
Continuous recording and progressive variation of heart rate (BPM), APDs (ms) and measured potential (mV) in a no-flow 
(global) ischemia and reperfusion protocol. Histograms from each period of the ischemia/reperfusion protocol are shown 

to reveal the correlation between metabolic perturbations and changes in APD. 

 
In another set of experiments, APD was measured from the LV of three species (rat, guinea 

pig, and human) before and after either hypoxic or pharmacological activation of sarcolemmal 

KATP channels (Figure 18). During hypoxia, as during ischemia, the myocyte [ADP]/[ATP] ratio 

increases and sarcolemmal KATP channels activate to shorten APD [49]. In rats and guinea pigs, 

APD90 changes were continuously monitored during graded hypoxia. No significant change in 

APD90 was observed in the first minute after initiating perfusate deoxygenation (rats: 60.33±1.33 

ms during normoxia and 57.33±0.67 ms one minute after initiating deoxygenation (p=0.124, n=4); 

guinea pigs: 180±8.19 ms during normoxia and 178.33±8.65 ms one minute after initiating 

deoxygenation (p=0.565, n=6)). These results are consistent with previous studies performed in 

isolated hearts and cells during ischemia and hypoxia [69], [146], [147]. Significant APD90 

reductions (p<0.05) were observed as deoxygenation progressed, reaching a steady-state 

reduction after 5 min (Figure 18B, C, E &F). A similar trend was observed when KATP channels 

were activated in perfused human LV wedge preparations using pinacidil (n=4). As shown in 
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Figure 18H&I, APD50 was constant until pinacidil began to have an effect after three minute 

(254±31.14 ms during normoxia and 251.25±24.74 ms one minute after administrating pinacidil 

(p=0.741)), after which there were significant and sustained reductions in APD50 (p<0.05). On 

average, APD50 reductions with pinacidil stabilized after 9 min without any significant additional 

reductions (p>0.05) in APD50 after that period of time. Maximum APD reductions were also 

observed in previous studies performed in canine hearts where similar doses of pinacidil were 

administrated [148], [149].  



42 
 

Figure 18. Continuous sharp glass microdevice recordings in the beating hearts of three mammal species. 
(A,D,G) Representative images of the rat heart, guinea pig heart and the human LV wedge used in the experiments. (B, 
E) Representative action potentials from a rat and guinea pig heart during 5 min of hypoxia.  (C, F) APDs progressively 
decrease (p<0.05, n=4 and n=6 for rats and guinea pigs respectively) after 2 min of hypoxia. (H) Representative action 

potentials from human LV wedge preparations during a 9 min recording after pharmacological activation of KATP 
channels using pinacidil. (I) APDs continuously decreased (p<0.05, n=4) after 3 min of pinacidil administration. *A paired 
t-test was used to compare the progression of every APD segment with respect to control. Bar plots with the error bars 

are indicative of the average ± the standard error of the mean. 
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4.4.3 Action potential measurements from multiple locations in the heart 

Another potentially valuable aspect of our microdevice technology is the ability to sequentially 

deploy multiple microelectrodes into an active organ (although previous floating electrodes 

techniques could also achieve this task). This provides the capability to record simultaneously the 

action potentials from multiple sites to measure fundamental electrophysiological parameters 

such as atrioventricular conduction delay and myocardial conduction velocity. As an example, 

results showing the sequential implantation of two microdevices to measure action potentials from 

separate locations within a contracting rat heart are shown in Figure 19, where two floating 

microdevices after retracting the assembly are presented. One microdevice recorded action 

potentials from the left atrium (LA) and the other recorded action potentials from the LV. These 

action potentials are plotted alongside the ECG that was simultaneously recorded from the tissue 

bath electrodes (Figure 19B). The LA action potentials and LV action potentials were accurately 

aligned with the P wave and QRS-T complex that represents the typical cardiac activation 

sequence. As expected, LA APDs were shorter than LV APDs (43.9±0.85 vs 64.1±0.95 ms 

respectively). The microdevices are capable of maintaining stable and reliable action potential 

recordings during normal sinus rhythm even when there is an unexpected variation in the 

amplitude not pertinent to any metabolic perturbation (Figure 20). 
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Figure 19. Capability of the microdevice to record multiple and simultaneous action potentials. 
(A) Two microelectrode impalement and simultaneous recordings from two heart locations are plotted with the bath ECG. 
(B) The activation sequence of action potentials recorded from microdevices in the LA and the LV follows the morphology 

of the ECG.  
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Figure 20. Action potential amplitudes fluctuated without significant changes in APD. 
(A) An extreme example of amplitude fluctuation during normal and stable sinus rhythm is shown in this figure. These 
data address a potential limitation of microdevice recordings, which is that consistent amplitudes within the setting of 
significant contractile motion is difficult to achieve. Typical microdevice recordings, where measurement of APD is the 

primary goal, are similar to signals from optical mapping experiments where the amplitude is given in arbitrary units rather 
than in volts. (B) The significance of the data shown in this figure is that the level of APD fluctuation is small (2.6%) 

compared to APD changes observed during metabolic perturbations, such as those shown in Figure 2 and 3, even though 
amplitudes changed by as much as 42% (above). (C) Such small APD fluctuations could be attributed to subtle changes 

in heart rate, as shown in the RR interval histogram. 

 
4.4.4 Recording stability 

Stable and reliable action potential recordings can be achieved only if the microdevice 

accurately follows the local contractile motion of the tissue in which it is embedded. Indeed, stable 

measurements of APDs (with a standard deviation of less than 5 ms) over more than 2.5 min of 

normal sinus rhythm were obtained (Figure 20). To confirm that microdevices ñfloatò within 

contracting epicardial tissue we measured the relative displacement between the proximal tip of 

microdevices and a fiducial marker placed nearby on the epicardium. The correspondence 

between the microdevice and the heart during multiple contractions in each species was not 
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consistent with out-of-phase motion between the microdevice and the surrounding epicardial 

tissue (Figure 21). We concluded that, at least, the macro-level correspondence between 

microdevices and local contractile deformation was maintained, reducing concerns that loss of 

correspondence between the microdevice and the tissue could cause signal artifacts. 

 Figure 21. Characterization of relative cardiac motion from rat, guinea pig and human LV wedge compared with 
the microdevices. 

(A, C, E) The displacement difference between the 2 dots was minimal between the three species (0.04±0.01, 0.04±0.02, 
0.03±0.01 mm for rat, guinea pig and human LV wedge respectively). (B, D, F) The difference of the magnitude of the two 
vectors with respect to the first frame was again minimal for the three species (0.10±0.001, 0.51±0.003 and 0.02±0.01 mm 

for rat, guinea pig and human LV wedge respectively).    
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4.5 Limitations 

 

We list several potential limitations of the presented technology that need to be considered 

when contemplating its use. Initially there is the risk of ischemic damage during the heart excision 

and cannulation. Thus the time from excision to cannulation should be minimized during every 

experiment. The microdevices are of single-use only and not reusable, which requires separate 

preparation for each trial. Considering that the intracellular measurements are taken with 

microelectrodes from single cells in whole organs with mm-scale motion, there is always a risk of 

tip breakage. Thus, we found it helpful that the temporary immobilization during the impalement 

process was implemented to minimize the risk of a broken tip and to provide better control of the 

precise location of the microdevice. Finally, although the microdevices have the capability of 

measuring proper physiological action potential amplitudes (Figure 15E), it was often challenging 

to achieve such potential due to the rigorous motion of a beating heart that causes a likely access 

resistance increase between the cell and the microdevice, lowering the overall measured action 

potential amplitude. However, despite this limitation, APD measurements remain unaltered during 

normal and stable sinus rhythm (Figure 20).     

 

4.6 Conclusions and future work 

 

We have developed targeted detachable floating glass microelectrodes (with a mass (100 ɛg) 

at least an order of magnitude smaller than previously reported technologies) that provide action 

potential recordings in an active moving organ without requiring mechanical restraint or 

pharmacological inhibition of tissue motion. With sharp glass microdevices, progressive changes 

in APD were continuously measured for at least 15 min in fully contracting hearts of multiple 

species during the induction of no-flow ischemia/reperfusion, hypoxia, and pharmacological 

activation of KATP channels. In conclusion, our results demonstrate that detachable glass 

microdevices are a relatively simple and robust tool to accurately record electrical activity with 
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high spatiotemporal precision in active, beating hearts without disturbing the physiological 

working conditions of the organ. 

 

Future work may include the incorporation of chemical sensors as detachable electrodes. 

Considering the milli-second time scale response and micro-range dimensions of our 

microdevice, it would be possible to chemically modify the electrode surface or to incorporate 

carbon fibers into the design to detect changes in electroactive compounds such as dopamine 

and tyrosine residue [150]ï[153]. These sensors could be incorporated as stand-alone 

microelectrodes or in conjunction with other standard microdevices in an array of electrodes to 

assess in real-time the chemical and electrical activity of the heart at a cellular level.  
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Chapter 5 ï Enzyme-dependent Fluorescence Recovery of NADH after Photobleaching to 

Assess Dehydrogenase Activity of Isolated Perfused Hearts 
 

5.1 Abstract 

 

Reduction of NAD
+
 by dehydrogenase enzymes to form NADH is a key component of cellular 

metabolism. In cellular preparations and isolated mitochondria suspensions, enzyme-dependent 

fluorescence recovery after photobleaching (ED-FRAP) of NADH has been shown to be an effective 

approach for measuring the rate of NADH production to assess dehydrogenase enzyme activity. 

Our objective was to demonstrate how dehydrogenase activity could be assessed within the 

myocardium of perfused hearts using NADH ED-FRAP. This was accomplished using a 

combination of high intensity UV pulses to photobleach epicardial NADH. Replenishment of 

epicardial NADH fluorescence was then imaged using low intensity UV illumination. NADH ED-

FRAP parameters were optimized to deliver 23.8 mJ of photobleaching light energy at a pulse width 

of 6 msec and a duty cycle of 50 %. These parameters provided repeatable measurements of 

NADH production rate during multiple metabolic perturbations, including changes in perfusate 

temperature, electromechanical uncoupling, and acute ischemia/reperfusion injury. NADH 

production rate was significantly higher in every perturbation where the energy demand was either 

higher or uncompromised. We also found that NADH production rate remained significantly 

impaired after 10 min of reperfusion after global ischemia. Overall, our results indicate that 

myocardial NADH ED-FRAP is a useful optical non-destructive approach for assessing 

dehydrogenase activity. 

 

5.2 Introduction 

 

Fluorescence recovery after photobleaching (FRAP) is a popular approach for studying the 

temporal dynamics and diffusion kinetics of fluorescent and fluorescently labeled molecules within 

living cells [154]. Enzyme-dependent FRAP (ED-FRAP) is useful for measuring enzyme kinetics 

and involves the photolysis of a product of an enzyme reaction and the subsequent analysis of 
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the replenishment of that product  [155]ï[157]. ED-FRAP is particularly useful for studying the 

rate of production of NADH, an important reducing agent and endogenous fluorophore (excitation 

360 nm, emission 460 nm). NAD
+
 is reduced by cellular dehydrogenase enzymes to generate 

NADH and the NAD
+
:NADH redox couple is a highly regulated component of cellular metabolism 

[158]ï[160]. NADH drives ATP production in the mitochondria and the NAD
+
:NADH ratio reflects 

the balance between the reduction of NAD
+
 via substrate oxidation and the oxidation of NADH for 

oxidative phosphorylation [161].  

 

In cardiomyocytes, the NAD
+
:NADH ratio is dependent upon multiple factors [162], including 

available substrate [161], [163]ï[165], cardiac work [158], [166], and myocardial oxygenation [40], 

[166]. NAD
+
:NADH ratios reported in the literature for normoxic perfused hearts range from 22% 

reduced [167] to as high as 80% reduced [163]. Cellular NAD
+
 and NADH concentrations can be 

measured using absorbance assays but this typically requires cellular manipulation that destroys 

cells [168], eliminating the ability to measure concentration changes over time from living cells. A 

non-destructive alternative is to measure NADH fluorescence (fNADH) from living cells and 

tissue, which provides a quantitative assessment of the NAD
+
:NADH ratio that is consistent with 

that provided by biochemical assays of NAD
+
 and NADH concentrations [169]. 

 

NADH fluorescence is typically monitored from cardiac tissue by illuminating tissue with low 

intensity ultraviolet (UV) light and acquiring the resulting fluorescence at 450-475 nm [37], [40], 

[158], [161], [164], [166]. Previous studies in perfused hearts demonstrate how epicardial fNADH 

fluctuations reveal changes in NADH production and consumption (oxidation) during physiologic 

perturbations [164], [166]. An important limitation is that such fluctuations are the combination of 

NADH production and NADH consumption, so neither the rate of NADH production nor the rate of 

consumption, can be independently measured using fluorescence alone. For example, an 

increase in fNADH could indicate either an increase in the rate of NADH production, a decrease 

in the rate of NADH consumption, or be an indication of an oxygen limitation, resulting in 

progressive NADH production with negligible consumption until reaching the fully reduced state. 
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  Using cellular preparations and isolated mitochondria suspensions, Combs and Balaban 

measured the rate of fNADH recovery after NADH photolysis to introduce NADH ED-FRAP as an 

assessment of dehydrogenase activity [155], [156]. They showed that the rate of fNADH 

recovery, measured within the setting of steady-state NADH consumption, was proportional to the 

activity (concentration) of glutamate dehydrogenase (GDH), a mitochondrial enzyme that 

produces NADH during amino acid catabolism. The advantages of NADH ED-FRAP are that 

NAD
+
 is produced by the photolysis of NADH without destroying NADH molecules [156]; the 

kinetic properties of the tricarboxylic acid (TCA) cycle are not altered [155]; and most of the 

fNADH signal is confined to the mitochondria [39] because NADH does not diffuse from adjacent 

regions, in contrast to standard FRAP techniques [170], [171]. As a result, fNADH recovery during 

NADH ED-FRAP is dominated by the production of NADH by the dehydrogenase enzymes of the 

TCA cycle. With these advantages, NADH ED-FRAP provides additional insight into myocardial 

energetics, above that of monitoring unbleached fNADH, by providing a direct assessment of the 

rate of mitochondrial NADH production.  

 

However, to date, no studies have demonstrated how the rate of NADH production could be 

assessed in perfused hearts using NADH ED-FRAP [172]. This would be an important 

advancement because perfused hearts are a popular experimental approach for studying 

electromechanical function, metabolism, and arrhythmias, primarily because precise control of 

experimental variables such as fuel supply, pressure, and temperature can be maintained [12], 

[164], [166], [173]. Therefore, the goal of the present study was to expand the technique of NADH 

ED-FRAP to perfused hearts and use it to study the rate of NADH production during controlled 

metabolic perturbations.  

 

We demonstrate for the first time that NADH ED-FRAP is a useful approach for measuring 

the rate of NADH production in contracting perfused hearts. The approach was implemented 

using high-power UV light-emitting diodes (LEDs) and a high-speed CCD camera. The optimal 

energy delivery of 23.8 mJ of UV light (367.5±5.5 nm) was found by modulating the light intensity 
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and pulse width while measuring the NADH photobleaching fraction and ensuring adequate 

recovery of fluorescence under controlled conditions. We also tested the efficacy of NADH ED-

FRAP for measuring changes in NADH production rate in hearts perfused at low temperatures, in 

the presence and absence of mechanical contraction, and before and after ischemia/reperfusion 

injury. These new results provide insight into how NADH production rate is adjusted to couple 

with the energy demand of specific physiologic conditions. 

 

5.3 Methods 

 

5.3.1 Heart preparations 

Hearts from Sprague-Dawley rats were excised and Langendorff perfused as previously 

described in 3.1.  For most experiments, the actomyosin ATPase inhibitor 2,3-butanedione 

monoxime (BDM, 15 mM) was administered to electromechanically uncouple the hearts to 

minimize motion artifacts during fluorescence imaging [174], [175]. An electrocardiogram (ECG) 

was continuously acquired as described in 3.2. 

 

5.3.2 NADH ED-FRAP illumination and imaging 

Two UV LED spotlights (PLS-0365-030-S & LCS-0365-11-22, Mightex Systems) provided 

light (367±5.5 nm) to illuminate the epicardium. A low power spotlight (1.5 mW) was used for 

continuous NADH fluorescence (fNADH) imaging and a high power spotlight (500 mW) was used 

to photobleach epicardial NADH. The high power spotlight illuminated epicardial regions of 

approximately 7 mm
2
 (Figure 22A). Prior to each experiment, a single image was acquired with 

the high power spotlight at low power (0.71 mW) to locate epicardial regions for subsequent 

fNADH recovery analysis. Emitted epicardial fluorescence was band-pass filtered (475±25 nm, 

peak 460 nm [37]) and imaged at 10 Hz using a CCD camera (Andor iXon DV860). A background 

image (no lights) and a reference image (low power light source on, but no heart) were acquired 

before beginning each study. These images were stored and used for off-line analysis to 

automatically remove the baseline counts for each pixel. The lights and camera were 
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synchronized using a custom LabVIEW (National Instruments) program. A typical NADH ED-

FRAP protocol was: 5 sec of baseline (control) imaging, a brief period of NADH photobleaching 

(0.30-8.0 sec, described below), and 95 sec of continuous imaging to record fluorescence 

recovery (Figure 23). Percent photobleaching was calculated with respect to the average fNADH 

level during the 5 sec of baseline imaging before photobleaching. One-dimensional spatial fNADH 

profiles were computed by interpolating fNADH along a user-defined 3.3 mm line (one pixel wide) 

that passed through a photobleached area (Figure 22B).  

Figure 22. Basic photobleaching setup and profile.  
(A) Photobleaching light was focused on the LV epicardium within an area of ~7 mm

2
 (orange circle) and delivered as one 

of four modes (Table 3). (B) An example of spatial fNADH recovery profiles from 0 to 40 sec after photobleaching the area 
shown (yellow dotted line). Within 40 sec the spatial fNADH profile returned to baseline levels where it was 

indistinguishable from the fNADH of surrounding unbleached tissue. 

 
5.3.3 Full range of fNADH: fully oxidized to fully reduced 

The range of fluorescence from fully oxidized to fully reduced NADH was measured to 

determine the percentage of the total NADH pool that was photobleached. Baseline fNADH was 

imaged and then perfusate flow to the aorta was terminated, causing global ischemia and full 

reduction of the mitochondrial NADH pool (Figure 23). fNADH was acquired until fluorescence 

plateaued (97±8 sec after initiating global ischemia). In other hearts, after imaging baseline 

(control) fNADH, carbonyl cyanide m-chlorophenylhydrazone (CCCP, 10 µM) was added to the 

perfusate to dissipate the mitochondrial proton gradient, fully oxidizing NADH, causing the fNADH 

signal to drop [41]. The NADH pool was considered to be fully oxidized when both the fNADH 
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signal plateaued to a minimum (204±8 sec after fNADH began to fall) and illumination with the 

high power UV LED did not cause an additional drop in fNADH. After acquiring the fNADH 

maxima and minima from multiple studies the data were normalized using the following equation: 

▪█╝═╓╗ ◄
█╝═╓╗◄ ɀ█╝═╓╗□░▪

█╝═╓╗□╪●█╝═╓╗□░▪
                               Equation 6 

where fNADH(t) is the fNADH signal acquired during a study, fNADHmax is the maximum 

fluorescence intensity when NADH is fully reduced and fNADHmin is the minimum fluorescence 

intensity when NADH is fully oxidized. 

Figure 23. Typical NADH ED-FRAP signal plotted within the range of the estimated total NADH pool. 
The application of 23.8 mJ of photobleaching energy typically lowered baseline fNADH by 13.2±2.3 %. Inset: Normalized 
fNADH signals are shown for one heart during full reduction (global ischemia at t=50 sec) and for another heart during full 

oxidation (CCCP administered at t=50 sec). The non-normalized signals were used to estimate the total NADH pool. 

 
5.3.4 Optimization of NADH ED-FRAP parameters 

Multiple variables were studied to determine optimal photobleaching parameters. The total 

energy delivered (TED) for photobleaching was optimized by increasing TED from 2.8 to 28 mJ 

while analyzing 4 key parameters (Figure 24): 1) Percent photobleaching, the drop in fNADH that 
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occurs immediately following illumination with high-intensity UV light; 2) Tau, the time constant of 

the rise (Ű) of fNADH after photobleaching; 3) Initial slope, the recovery rate of fNADH during the 

first second after photobleaching; and 4) Percent recovery, the degree to which fNADH recovered 

to baseline.  

Figure 24. Measurements extracted from NADH ED-FRAP signals. 
1) Percent photobleaching was measured from baseline (fNADH at t<5 sec) to the maximum fNADH drop (fNADH at t=5 

sec); 2) Percent recovery was measured from baseline to the steady-state fNADH recovery value; 3) Recovery time 
constant tau was measured as the time to 63 % of full fNADH recovery; 4) The initial slope of recovery was measured as 

the straight-line slope of change in fNADH during the first second of recovery.  

 
Approaches for delivering optimal TED for photobleaching were defined to study how TED 

might best be applied. As such, four photobleaching modes were defined with specific light 

power, duty cycle, and pulse widths (Table 3), with each providing equal TED. For example, while 

maintaining TED at 23.8 mJ, the effect of decreasing the length of each individual light pulse was 

tested by decreasing the pulse width from 6 msec (Long Pulse, LP) to 200 µsec (Short Pulse, 

SP), while light power (500 mW), duty cycle (50 %), and total bleaching time (5.1 sec) remained 

constant between the two conditions (Table 3). Next, 375 mW (Low Light Power, LLP) was used 

to measure the effect of reducing the light power by 25 %. Duty cycle remained at 50 % with a 

pulse width of 6 msec. This increased total photobleaching time to 6.8 sec while maintaining TED 
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at 23.8 mJ (Table 3). Finally, the effect of a single pulse (1P) for photobleaching was tested, 

which dropped total bleaching time to 2.55 sec while maintaining a TED of 23.8 mJ. Each 

photobleaching mode (LP, SP, LLP, and 1P) was tested at each TED (2.8 to 28 mJ). The number 

of pulses, duty cycle, and pulse width for each photobleaching mode was controlled using our 

LabVIEW program, which also synchronized with the camera and ensured that the camera did 

not acquire images during photobleaching to prevent damage to the CCD. 

Table 3. Parameters for the four photobleaching modes used during the photobleaching optimization studies. 
Results indicated that the LP mode was the optimal photobleaching mode for NADH ED-FRAP. 

 

 
Light 
Power 

Duty 
Cycle 

Pulse 
Width 

Energy 
Per Pulse 

Total 
Bleaching 

Time 

# of 
Pulses 

Total 
Energy 

Delivered 

Long Pulse (LP) 500 mW 50 % 6 msec 28 µJ 5.1 sec 850 23.8 mJ 

Short Pulse (SP) 500 mW 50 % 
200 
µsec 

0.934 µJ 5.1 sec 25482 23.8 mJ 

Low Light Power 
(LLP) 

375 mW 50 % 6 msec 21 µJ 6.8 sec 1132 23.8 mJ 

Single Pulse (1P) 500 mW 100 % 1 pulse Continuous 2.55 sec 1 23.8 mJ 

 
5.3.5 Measurement of tissue viability and cellular damage 

The effect of UV illumination on tissue viability and cellular damage was assessed using 

triphenyltetrazolium chloride (TTC) tissue staining and haematoxylin and eosin (H&E) histology. 

Epicardial sites where NADH ED-FRAP was applied using one of the four modes of 

photobleaching (Table 3) were marked with permanent blue ink. As a positive control, several 

hearts were also subjected to 10 min of continuous UV illumination at the maximum LED power 

(500 mW). Heart perfusion was maintained for at least two hours after completing the UV 

illumination protocols to provide time for the rundown of cellular metabolism and any cellular 

necrosis to occur that might have resulted from UV photodamage. Hearts were then incubated in 

a TTC solution (42 mM) at 37 
o
C for 10 min to reveal non-viable tissue. TTC stains metabolically 

active tissue a deep red color, with metabolically inactive or damaged tissue presenting as a pale 

tan color [176]. Tissue damage was assessed in this way for three hearts subjected to each 

photobleaching mode. A subset of hearts was fixed in 10 % formalin and cross-section slices 

were prepared for H&E staining to examine cell morphology. Haematoxylin stains the nuclei of 

cells as blue/purple and eosin stains nonspecifically stains proteins as pink [177].  
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5.3.6 Dehydrogenase activity and temperature  

Low temperatures slow the rate of enzyme-catalyzed reactions so we tested whether NADH 

ED-FRAP would reveal the effect of a drop in perfusate temperature on the rate of NADH 

production in perfused hearts. These experiments were performed using the LP mode of 

photobleaching with a TED of 23.8 mJ (Table 3). Perfusate temperature was set at either 

22±0.18, or 30±0.16, or 36.6±0.11 
o
C for each study. The rate of fNADH recovery was measured 

after multiple rounds of photobleaching at each perfusate temperature. 

 

Glutamate dehydrogenase (GDH) activity was determined using enriched mitochondrial 

fractions to correlate the rate of fNADH recovery measured after photobleaching with the activity 

of an NADH producing enzyme that resides within the mitochondria. Enriched mitochondrial 

fractions were extracted from ventricular tissue and 0.08-0.13 µg of protein was added to a 

cuvette containing, in mM: 50 TEA, 2.5 EDTA, 100 ammonium acetate, 1 ADP, 0.2 NADH, and 2 

kU/L lactate dehydrogenase, in a final volume of 1mL, pH = 7.6. Background absorbance was 

measured at 340 nm for 1 min in a spectrophotometer (SpectraMax Plus 384, Molecular 

Devices). The addition of 2-oxogluterate (7 mM) initiated substrate-dependent activity and A340 

was measured at 340 nm for 2 min. GDH activity was calculated using an NADH millimolar 

extinction coefficient of 6.23. Average temperatures for GDH activity measurements were 

22±0.01, 30±0.01, and 37±0.01 
o
C. 

 

5.3.7 Dehydrogenase activity and contraction 

The actomyosin ATPase is a major consumer of myocyte ATP and its rate of ATP hydrolysis 

modulates the rate of mitochondrial NADH production. In a separate set of studies, the impact of 

actomyosin ATPase activity on fNADH recovery after photobleaching was measured. Before 

administering the actomyosin ATPase inhibitor BDM, NADH ED-FRAP was applied to contracting 

perfused hearts. BDM was then administered and hearts were monitored until the cessation of 

contractions and a stable heart rate was observed. NADH ED-FRAP was performed again to 

compare fNADH recovery kinetics before and after actomyosin ATPase inhibition.  
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5.3.8 Dehydrogenase activity and ischemia/reperfusion 

Acute ischemia/reperfusion injury has been reported to diminish mitochondrial ATP 

production [178], [179]. If so, then the rate of NADH production may also be lower after 

ischemia/reperfusion injury. We tested this hypothesis in a separate set of perfused heart studies 

using NADH ED-FRAP. Baseline fNADH recovery kinetics were measured before aortic flow was 

halted for 20 min. Hearts were reperfused for 10min, after which fNADH recovery kinetics were 

measured again via NADH ED-FRAP. fNADH recovery kinetics measured before and after global 

ischemia/reperfusion were then compared. 

 

5.3.9 Data analysis 

NADH fluorescence images were recorded using Solis imaging software (Andor) and 

extracted using ImageJ. To compute an fNADH signal, a region of interest (ROI) within the 

photobleached region was selected and all pixels within that ROI were averaged to provide a 

temporal fNADH signal: fNADH(t). Percent photobleaching and percent recovery with respect to 

baseline were calculated using the following equations: 

Ϸ ▬▐▫◄▫╫■▄╪╬▐░▪▌
█╝═╓╗ͅ▬▐▫◄▫╫■▄╪╬▐ᶻ

█╝═╓╗ͅ╫╪▼▄■░▪▄
                                  Equation 7 

 

Ϸ ►▄╬▫○▄►◐
█╝═╓╗ͅ►▄╬▫○▄►◐ᶻ

█╝═╓╗ͅ╫╪▼▄■░▪▄
                                       Equation 8 

where fNADH_photobleach is the minimum fluorescence intensity after high power UV light was 

applied to the epicardial surface, fNADH_recovery is the fluorescence intensity when the recovery 

reached a steady-state, and fNADH_baseline is the average fluorescence intensity during the first 

5 sec before photobleaching. 

 

The time constant of fNADH recovery after photobleaching (tau) was computed using a 

least-squares fit of the following equation to the fluorescence ROI data (fNADH(t)) acquired 

during the fNADH recovery phase (Figure 23): 

ὁ Ἃ Ἄ ἭzἢȾ                                                  Equation 9          



59 
 

where A is the baseline value from which the signal is rising, B is the signal amplitude, T is time 

(sec), and tau (Ű, 1/sec) is the inverse of the exponential rate constant of rise, or the time 

constant, when the amplitude reaches 63 % of recovery. The initial slope of the fNADH recovery 

curve was also calculated by computing the first derivative of the fitted recovery line (y, Equation 

9) averaged over the first second of recovery. Data were analyzed using custom Matlab scripts 

and plotted using Spyder (Python 2.7). 

 

5.3.10 Statistical analysis 

Statistical analyses were performed as described in 3.3.  Briefly, data are presented as mean 

± standard error of the mean. A paired t-test or an analysis of variance (ANOVA) general linear 

model (GLM) with Tukey post-hoc test, as appropriate, was used to compare between different 

groups. Significance was defined as p<0.05. 

 

5.4 Results  

 

Our NADH ED-FRAP approach to study dehydrogenase activity in isolated perfused hearts is 

presented in Figure 22 & Figure 23. High power UV light was focused on the LV epicardium to 

photobleach NADH within an area of ~7 mm
2
 (Figure 22A). The LV epicardium was then 

illuminated with low power UV light to image fNADH (Figure 23). The recovery kinetics of fNADH 

were measured from the images within a region of interest selected to contain the photobleached 

tissue (Figure 22B & Figure 24). 

 

5.4.1 Estimated percentage of NADH pool photobleached 

Studies were conducted (n=8) to measure the percentage of the total NADH pool ([NAD
+
] + 

[NADH]) that was photobleached during a typical NADH ED-FRAP measurement. This was done 

by imaging epicardial NADH fluorescence after full NADH oxidation (via administering CCCP) and 

after full NADH reduction (during global ischemia) to assess the full range of fNADH. During 

control conditions, average baseline fNADH before photobleaching indicated that the 
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NAD
+
:NADH redox poise of epicardial tissue in our studies was 50.7±4.5 % reduced and 

49.3±4.5 % oxidized (Figure 23). These values are consistent with previous studies in isolated 

hearts where levels of fNADH indicated the redox poise to be within the range of 50 % reduction 

when glucose was the only exogeneous substrate [163]. This is also consistent with whole-cell 

NAD
+
:NADH ratios measured using an absorbance assay kit for myocytes isolated from healthy 

mouse hearts [168]. The ratio was approximately one, indicating a redox poise for isolated 

cardiomyocytes to be 50 % reduced and 50 % oxidized. In our studies, we found that the 

application of 23.8 mJ of photobleaching energy lowered baseline fNADH by 13.2±2.3 %, thereby 

increasing the redox poise of the photobleached tissue to 62.5±3.8 % oxidized (Figure 23). 

 

5.4.2 Total energy delivered (TED) during NADH ED-FRAP  

We found that a minimum TED must be administered to the epicardial surface to achieve 

repeatable NADH photobleaching. Increasing TED from 2.8 to 18.2 mJ increased percent 

photobleaching for each photobleaching mode (Long Pulse - LP, Short Pulse - SP, Low Light 

Power - LLP and Single Pulse - 1P) (p<0.001) (Figure 25A). As TED was increased from 18.2 to 

28 mJ, there was little increase in percent photobleaching. For all modes, percent photobleaching 

for TED greater than 18.2 mJ was compared to percent photobleaching at a TED of 23.8 mJ and 

the differences were not significant (p>0.05), indicating that maximal photobleaching could be 

assured with a TED of 23.8 mJ. The exception was when TED was delivered with the 1P mode: 

an increase in TED above 18.2 mJ increased percent photobleaching beyond that of the SP and 

LP modes (p<0.05) (Figure 25A). However, for the 1P mode, percent photobleaching for TED 

equal to or greater than 18.2 mJ was not significantly greater than that at 23.8 mJ. 

 

The initial slope of recovery was also dependent upon the TED. Initial slope increased as 

TED was increased from 2.8 to 14 mJ across all photobleaching modes, with initial slope 

remaining constant as TED was increased from 18.2 to 28 mJ (Figure 25B). Unlike percent 

photobleaching and initial slope, the percent recovery of fNADH was very consistent for all TEDs 
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(Figure 25C). When grouping all photobleaching modes together, percent recovery was 

98.43±0.45 % at the lowest TED, and only decreased slightly to 97.24±0.31% at the highest TED. 

Figure 25. The effect of photobleaching mode (Table 3) and total energy delivered (TED) on NADH ED-FRAP 
measurements during control conditions in perfused hearts (n=5 for each mode at each TED).  

(A) Percent photobleaching is plotted for each TED between 2.8 and 28 mJ for the four photobleaching modes. For each 
mode, photobleaching increased until 18.2 mJ, where it reached a maximum. Astericks indicate significant differences 

within each mode for comparisons between each TED and a TED of 23.8 mJ. (B) Initial slope of fNADH recovery plotted 
for TED between 2.8 and 28 mJ for the four photobleaching modes. Initial slope increased within each mode until 18.2mJ, 
where it reached a maximum. Astericks indicate significant differences within each mode for comparisons between each 

TED and a TED of 23.8 mJ. (C) Percent recovery plotted for TED between 2.8 and 28 mJ for the four photobleaching 
modes. For all modes, percent recovery approached 100 % and was not dependent upon TED (p>0.05). (D) Recovery 

time constant tau plotted for TED between 2.8 and 28 mJ for the four photobleaching modes. Tau varied with 
photobleaching mode for a particular TED but the effect of TED on tau within each photobleaching mode did not reach 
statistical significance (p>0.05). Crosses indicate significant differences for each TED for tau measured using LLP, SP, 

and 1P photobleaching modes compared to tau measured using the LP mode. 

 
Significant variability was observed across photobleaching modes in measurements of the 

recovery time constant tau (Figure 25D). For all modes at a TED greater than 7 mJ, tau was 

consistently shorter when the TED was delivered with the LP or SP modes compared to LLP and 

1P modes (Figure 25D) (p<0.001). Tau for LLP and 1P modes was significantly longer than that 

of LP (p<0.001), meaning fNADH recovery was slower for these photobleaching modes. These 

differences occurred despite equal initial slopes of recovery for all photobleaching modes at the 
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same TED (Figure 25B). Comparing tau within individual photobleaching modes across all TEDs 

did not indicate that TED had a significant effect on tau.  

  

5.4.3 NADH ED-FRAP and tissue viability 

Studies were completed to verify that the low power UV illumination (1.5 mW) used to image 

epicardial fNADH would not cause tissue photodamage or significant NADH photobleaching. 

First, fNADH was continuously acquired from an epicardial region of interest while illuminating the 

epicardium for 35 sec, the lights were then turned off for 40 sec and back on for another 35 sec. 

fNADH was acquired again from the same region of interest during 100 sec of constant 

illumination, which is the time typically required for one NADH ED-FRAP measurement. fNADH 

signals from one of these studies are shown in Figure 26A, which indicates that NADH is not 

lower when the lights were on than what it would be if the lights were off (circled region in Figure 

26A). Similar studies were completed by Combs and Balaban in isolated myocytes and 

demonstrated a slow constant decline of fNADH during steady-state UV illumination, mainly due 

to the balance between the net product of NADH photolysis and its metabolic production [155]. In 

contrast, our measurements in perfused hearts indicate stable fNADH during steady-state 

illumination without detectable photobleaching caused by low power UV illumination. 

 

Myocardial tissue remained viable after several rounds of photobleaching, even after the 

maximal TED of 28 mJ was applied. Percent photobleaching, tau, initial slope of recovery, and 

percent recovery in a photobleached bleaching region were not altered by previous NADH ED-

FRAP applications. This is shown for percent photobleaching in Figure 26B, where TED for a 

single site was increased from 2.8 to 28 mJ then decreased from 28 back down to 2.8 mJ. This 

ñround-tripò NADH ED-FRAP shows that photobleaching percentage is dependent upon the 

amount of energy imparted to the heart, but not the order in which is applied. However, we did 

observe that repeated application of high power UV light to the same area causes potential 

photodamage in the form of irreversible NADH photolysis. This is evident after 6-8 rounds of ED-

FRAP at high energies (18.2-28 mJ), as shown in Figure 26C. Four applications of such high 
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energy cause a sustained fNADH loss of up to 10 % with respect to the first application, 

corresponding to a fNADH loss of 3.1±0.75 % per application. This indicates that NADH ED-

FRAP at TED between 18.2-28 mJ should be limited to no more than four applications per area to 

avoid sustained photolysis. 

Figure 26. Sustained NADH photolysis and tissue viability after NADH ED-FRAP. 
(A) Normalized fNADH is plotted to illustrate that low power UV illumination (1.5 mW) used to image fNADH does not 

cause measurable NADH photobleaching in excised hearts. A sequence of light on-off-on shows that fNADH after 
continuous illumination matches that of fNADH immediately after a 40 sec interval of darkness (circled). (B) Percent 

photobleaching is not altered by previous applications of photobleaching light (LP mode). Results are shown for a ñround 
tripò experiment where TED was increased from 2.8 to 28 mJ then decreased from 28 to 2.3 mJ for the same region of 

tissue (n=3 hearts). (C) Sustained NADH photolysis was observed (indicated by a sustained drop in fNADH) after applying 
six rounds of high energy (18.2 ï 28 mJ, LP mode) to the same areas of tissue (circled). (D) Less than six applications of 
high energy (18.2 ï 28 mJ, LP mode) to the same region of tissue did not affect tissue viability, as evidenced in the image 

shown by the absence of pale epicardial tissue within photobleached regions after TTC staining. 
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Epicardial tissue exposed to the LP photobleaching mode did not exhibit cellular damage in 

either triphenyltetrazolium chloride (TTC) tissue stain assessments (Figure 26D & Figure 27B) or 

haematoxylin and eosin (H&E) cellular histology assessments (Figure 27E). As a positive control, 

other hearts were subjected to 10 min of continuous UV illumination at the maximum LED power 

(500 mW). TTC and H&E assessments were repeated. As expected, TTC staining revealed 

metabolically inactive tissue within the 4 areas that were subjected to the 10 min of 500 mW UV 

illumination (Figure 27A&B). However, the cellular analysis did not reveal damage and many 

nuclei maintained a highly defined and normal morphology (Figure 27F).  

 

Likewise, as an additional metric of functional viability, three rounds of NADH ED-FRAP were 

applied at the same site and tau and initial slope were analyzed independently after each round 

(Figure 27C). No significant differences (p>0.05) were observed between applications. When 

comparing the differences between the second and third application with respect to the first 

application (i.e. how much the tau and the initial slope increased or decreased when compared to 

the initial application), they were all below its standard deviation (1.69 sec and 2.96 A.U./100 

msec for tau and initial slope respectively). This suggests that functional tissue viability and 

reproducibility are maintained after multiple applications of NADH ED-FRAP. 
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Figure 27. Assessment of UV illumination on tissue viability and cell damage. 
 (A) After TTC staining of positive controls, non-viable epicardial tissue was revealed at sites exposed to 10 min of 

continuous UV illumination at max power (500 mW). (B) Cross-section of a heart after TTC staining reveals the 
transmurality of non-viable tissue in positive controls exposed to high intensity UV illumination for 10 min (500 mW). The 

high intensity illumination damaged the tissue up to a depth of approximately 0.5 mm. Adjacent tissue exposed to the 
optimized NADH ED-FRAP protocol (LP mode) remained viable with no evidence of epicardial or transmural damage. (C) 
No functional differences (p>0.05) in tau (top) and initial slope (bottom) were observed after multiple applications of NADH 

ED-FRAP at the same site.  (D) H&E staining of tissue cross-section within the area that was not illuminated. As 
expected, no cellular damage was observed. (E) H&E staining of tissue cross-section within the area that was exposed to 
3 rounds of NADH ED-FRAP using the LP photobleaching mode. No significant cellular damage was observed. (F) H&E 

staining of tissue cross-section within the area that was exposed to high intensity UV illumination for 10 min (500 mW). No 
significant cellular damage was observed even though TTC staining revealed that this tissue was not viable. 

 
5.4.4 Dehydrogenase activity and temperature  

Hearts were perfused at three temperatures to evaluate the effect of temperature on NADH 

production rate. The rate of fNADH recovery after photobleaching increased as temperature 

increased from 22 to 37 °C (Figure 28A&B).  Although percent photobleaching was not different 

at 30 & 37 °C, photobleaching was greater at 22 °C compared to higher temperatures (Figure 

28C) (p<0.001). This is likely the result of slowed NADH production during photobleaching and 

the effect of low temperature. Photobleaching during slow NADH production would also achieve a 

higher level of NADH photolysis, thereby increasing percent photobleaching. Of note is that 
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fNADH only recovered to 95.12±0.45 % at 22 °C compared to 97.11±0.34 % and 96.58±0.42 % at 

30 & 37 °C, respectively, likely due to slow NADH production at low temperatures. 

 

Likewise, glutamate dehydrogenase (GDH) activity was measured in enriched mitochondrial 

fractions at the same three temperatures to validate the NADH ED-FRAP results.  GDH activity 

significantly increased from 4.50±0.28 nmol/mg-protein/min at 22 °C to 6.03±0.35 and 7.56±0.45 

nmol/mg-protein/min at 30 & 37 °C (p<0.001), respectively. These values were highly correlated 

with values of fNADH initial slope and tau measured via NADH ED-FRAP (Figure 28D). 

Figure 28. NADH ED-FRAP measurements (LP mode) for hearts perfused at three temperatures. 
(A) The initial slope of fNADH recovery increases with temperature (p<0.001, n=5). (B) The time constant of fNADH 

recovery (tau) drops with increasing temperature (p<0.001, n=5). (C) Percent photobleaching is greater at 22 
o
C (p<0.001, 

n=5) but not significantly different at 30 & 37 
o
C. (D) Initial slope and tau measured from hearts perfused at 22, 30, and 37 

o
C are plotted with GDH activity (n=4) measured at the same temperatures. (E) Representative fNADH data acquired 

during NADH ED-FRAP were fitted (óyô in Equation 9) and plotted for the three temperatures investigated. Hearts were 
electromechanically uncoupled with BDM.  

 
5.4.5 Dehydrogenase activity and contraction 

The effect of actomyosin ATPase inhibition was studied using NADH ED-FRAP to determine 

if the rate of NADH production would correspond to a reduction in myocardial energy 

consumption resulting from diminished actomyosin ATPase activity. Typical fNADH recovery 

curves for contracting and non-contracting hearts after actomyosin ATPase inhibition with BDM 

are shown in Figure 29A. A comparison of percent photobleaching between contracting hearts 
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and noncontracting hearts (13.6±0.43 % vs 12.8±0.36 %) (Figure 29B) did not reveal significant 

differences (p=0.231). The initial slope of recovery was greater in hearts before inhibition (Figure 

29C) and tau was shorter (Figure 29D), demonstrating significantly increased NADH and ATP 

production rates when contraction is not inhibited. 

Figure 29. NADH ED-FRAP measurements (LP mode) showing the effect of contraction on the rate of NADH 
production in perfused hearts. 

(A) Representative fNADH data were fitted (óyô in Equation 9) and plotted for NADH ED-FRAP applied to contracting 
hearts and non-contracting hearts electromechanically uncoupled with BDM. (B) Percent photobleaching was not 
significantly different between contracting and non-contracting hearts (p>0.05, n=6). (C) The initial slope of fNADH 

recovery was significantly higher in contracting hearts (p=0.015, n=6). (D) The time constant of fNADH recovery (tau) was 
significantly shorter in contracting hearts (p<0.001, n=6). 

 
5.4.6 Dehydrogenase activity and ischemia/reperfusion 

Acute ischemia/reperfusion injury was studied using NADH ED-FRAP to determine if the rate 

of NADH production was impaired after reperfusion. Typical fNADH recovery curves before and 

after ischemia/reperfusion injury are shown in Figure 30A. The initial rate of recovery was almost 

twice as fast before ischemia than after reperfusion (8.6±2.0 vs 4.4±1.2 A.U./100msec, 

respectively) (p=0.04) (Figure 30C). The fNADH recovery time constant tau was also significantly 

longer (p=0.049) after reperfusion than before ischemia (5.7±0.8 vs 4.1±0.6 sec, respectively) 

(Figure 30D). Percent photobleaching was not significantly different (p=0.419) before ischemia 

and after reperfusion (Figure 30B). 
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Figure 30. NADH ED-FRAP measurements (LP mode) showing the effect of ischemia/reperfusion on the rate of 
NADH production in perfused hearts. 

(A) Representative fNADH data were fitted (óyô in Equation 9) and plotted for NADH ED-FRAP applied before ischemia 
and 10 min after reperfusion. (B) Percent photobleaching was not significantly different before ischemia and after 

reperfusion (p>0.05, n=5). (C) The initial slope of fNADH recovery was significantly lower after reperfusion (p=0.04, n=5). 
(D) The time constant of fNADH recovery (tau) was significantly longer after reperfusion (p=0.049, n=5). Hearts were 

electromechanically uncoupled with BDM. 

 
5.5 Discussion 

 

We have shown that the recovery kinetics of fNADH after photobleaching reproducibly 

represents changes in NADH production during a variety of physiologic perturbations. NADH ED-

FRAP provides insight into myocardial energy production beyond that of monitoring unbleached 

fNADH. This is because unbleached fNADH represents the balance between NADH production 

and utilization. In contrast, NADH ED-FRAP assesses the rate of NADH production without 

altering physiological conditions, with the caveat of assuming steady-state NADH utilization. We 

identified optimal NADH ED-FRAP parameters: 23.8 mJ of photobleaching light energy delivered 

with a pulse width of 6 msec and a duty cycle of 50 %. These optimized parameters provide 

reproducible non-destructive assessments of dehydrogenase enzyme activity within epicardial 

tissue. We have also shown that multiple applications of high total light energies should be 

avoided to prevent tissue photodamage. 

  

NADH ED-FRAP parameters were optimized in studies that analyzed a range of delivered 

energies (TEDs) and four modes of NADH photobleaching. As presented in Figure 25, percent 
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photobleaching and the initial slope of fNADH recovery were dependent upon TED values below 

18.2 mJ. Percent photobleaching and initial slope were not significantly different for TED values 

above 18.2 mJ. Similar results were reported by Combs and Balaban in isolated cardiac 

myocytes [155]. In those studies, the recovery rate of fNADH increased when the level of NADH 

photolysis increased by either changing the overall power of the laser or the number 

photobleaching pulses. These results emphasize that a standard mode of photobleaching should 

be used for all NADH ED-FRAP measurements in a set of experiments to avoid measurement 

artifacts. Our results also indicate that percent recovery and tau are likely not as sensitive to TED 

(Figure 25C&D). While percent recovery was close to 100 %, it is possible that the 

photobleaching of background, non-NADH fluorophores (~15 % of NADH fluorescence) may 

have occurred. Similarly, any loss of the total NAD
+
:NADH pool could have prevented full fNADH 

recovery [156]. Although tau was dependent upon the photobleaching mode, the effect of TED on 

tau within each photobleaching mode was not significant (Figure 25D). This suggests that tau 

could be a more robust indicator of dehydrogenase activity when systematic delivery of a specific 

TED cannot be guaranteed. 

 

We observed that low power UV illumination (1.5 mW) used to image fNADH does not cause 

measurable photobleaching of epicardial tissue (Figure 26A). This could be the result of an 

increase in NADH production to balance NADH photolysis or simply the result of negligible NADH 

photolysis by such low power light. We also observed that UV illumination for NADH 

photobleaching (500 mW and a TED of 23.8 mJ) applied using the long pulse (LP) mode is non-

destructive and that several NADH ED-FRAP measurements can be obtained from the same 

area without considerably altering subsequent measurements (Figure 26B&D). After analyzing 

percent photobleaching, initial slope, tau, and percent recovery for all photobleaching modes, we 

chose the LP mode and 23.8 mJ for all subsequent experiments. With this mode, TED is situated 

within the percent photobleaching plateau (Figure 25A) and the pulse width of 6 msec is 

compatible with most software and hardware for the development of custom NADH ED-FRAP 
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applications. Shorter pulse widths, such as 200 µsec for the SP mode, often require specialized 

hardware and software.  

 

It is generally understood that enzyme activity is positively correlated with temperature, with 

dependencies ranging from sub-freezing to high temperatures [22]ï[24]. This correlation is the 

basis for therapeutic hypothermia, an approach used for patients suffering from cardiac arrest 

and during cardiac surgeries that require cardiopulmonary bypass [25], [26]. When myocardial 

temperature is lowered, heart rate, contractile force, oxygen consumption, and, ultimately, ATP 

utilization all drop dramatically. A reduction in myocardial temperature decreases both the steady 

state utilization and production rate of ATP, as well as decreases the upstream utilization and 

production of NADH. We therefore studied hearts perfused at three different temperatures (~22, 

~30 and ~37 
o
C) to test whether or not NADH ED-FRAP would detect a temperature-dependent 

slowing of NADH production. Indeed, the recovery kinetics of fNADH dropped as temperature 

dropped, indicating a significant decrease in NADH production with the lower metabolic demand 

of low temperatures (Figure 28). Overall, the relationship between initial slope and temperature 

(Figure 28A) and tau and temperature (Figure 28B) was proportional, although tau appeared to 

increase more between 30 & 22 
o
C than between 37 & 30 

o
C, indicating that the relationship may 

have an exponential component. Additionally, GDH activity was studied as an independent 

validation of the effect of temperature on a mitochondrial enzyme actively involved in NADH 

production. The progressive drop in GDH activity as temperature was lowered, which we 

measured using a standard molecular assay, indicates that fNADH recovery kinetics (initial slope 

and tau) during NADH ED-FRAP mirrors changes (Figure 28D) in the activity of a NADH 

producing enzyme found in the mitochondria. 

 

Total myocardial energy consumption is determined by actomyosin crossbridge cycling (~76 

%), calcium transport (~15 %), and the maintenance of sarcolemmal potential by the Na+/K+ 

ATPase (~9 %) [28], [180]. Thus, actomyosin ATPase inhibition via electromechanical uncoupling 

significantly diminishes myocardial energy consumption, which slows ATP production and slows 
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upstream NADH production. We have previously shown that fNADH rises rapidly in contracting 

hearts after the termination of flow to the aorta, reaching a plateau (full reduction of NADH) within 

~90 sec. In contrast, NADH accumulation during ischemia in electromechanically uncoupled 

hearts is much slower and reaches a plateau after 5-10 min [166], [181]. These differences in the 

rate of NADH production were confirmed by the higher initial slopes and shorter values of tau that 

we measured via NADH ED-FRAP (Figure 29C&D). Although the motion of contraction 

introduced some oscillation in fluorescence acquired during NADH ED-FRAP, the oscillation 

frequency was much higher than the slower average rise of fNADH, providing for adequate 

analysis of recovery kinetics. 

 

Our results indicate that NADH ED-FRAP is a useful approach for measuring NADH 

production after metabolic insults and provide additional insight into the sustained effects of 

ischemia/reperfusion injury on isolated perfused hearts. Ischemia/reperfusion injury is a complex 

phenomenon that begins when mitochondrial oxygen availability is compromised during ischemia. 

Mitochondrial NADH subsequently rises [67], [166] and fatty acid and carbohydrate oxidation are 

halted [182]. After reperfusion, cardiac energy production remains compromised, likely due to an 

imbalance of glucose oxidation and glycolysis [182], [183]. Mitochondrial damage caused by 

reperfusion is another important mechanism of impaired myocardial energetics, which is thought 

to be caused by intracellular Ca
2+

 overload [184], mitochondrial ROS production, and opening the 

mitochondrial permeability transition pore [66], [185], [186].  Mitochondrial damage would likely 

motivate dysfunction of complex I, III and IV of the electron transport chain (ETC), which has 

been shown to persist for at least 10-15 min after reperfusion. Such dysfunction has been 

ascribed to a greater disintegration and loss of cardiolipin [187]ï[190], a key phospholipid located 

in the mitochondrial membrane and is thought to serve as a proton trap within the ETC [191], 

[192]. ROS-induced oxidative damage during metabolic insults can also damage cardiolipin [188], 

[189], which may further contribute to mitochondrial dysfunction after reperfusion. 
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Overall, our results are consistent with the known outcomes of reperfusion injury, where we 

observed a significant difference before and after reperfusion in both the initial slope of fNADH 

recovery (Figure 30C) and the recovery time constant tau (Figure 30D). These data provide the 

interesting observation that, even after 10 min of reperfusion, the rate of NADH production 

remained lower than the pre-ischemic level, likely the result of sustained mitochondrial damage. 

Furthermore, low levels of NADH production were maintained even though heart rate returned to 

the pre-ischemic level: 196±12 bpm before ischemia and 183±12 bpm after ischemia (p=0.096). It 

is unlikely that the imposed 20 min of global ischemia confounded (other than the injury itself) the 

NADH ED-FRAP signal observed after 10 min of reperfusion given the rapid oxidation of NADH 

and restoration of fNADH to a level similar to that before ischemia, analogous to previous studies 

of ischemia in isolated hearts [193]ï[195].   

 

5.6 Limitations 

 

Potential limitations include the risk of ischemic damage during the heart excision and 

cannulation, thus the time from excision to cannulation was minimized. Most excised heart 

preparations are prone to oxygen limitations, in part because the perfusate does not contain red 

blood cells [180]. However, red blood cells are typically not added to perfusate because of the 

dominating absorption of haemoglobin (250-650 nm range). Another potential limitation is that 

fNADH was imaged from a thin layer of epicardial tissue and may not reflect transmural gradients 

of dehydrogenase activity, which is a relevant concern. This could be especially important during 

the first moments of ischemia because ischemia begins within endocardial tissue and progresses 

as an anoxic wave to the epicardium [196]. The rate and extent of the progression of the wave is 

variable and depend on different factors including wall stress and the distribution of myocardial 

blood flow  [197]ï[199]. However, in our studies, NADH recovery kinetics were measured after 10 

min of reperfusion, an interval after which transmural gradients were likely to have stabilized. 

Finally, our fNADH measurements do not discriminate between NADH fluorescence and NADPH 

fluorescence. Nonetheless, the contribution of NADPH fluorescence in such measurements is 
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thought to be insignificant due to its much lower concentration compared to NADH [200], [201] 

and minimal fluorescence enhancement within the mitochondria [202]. 

 

5.7 Conclusions and future work 

 

Ultraviolet energy delivered between 21-23.8 mJ provided consistent NADH photobleaching 

within epicardial tissue for the assessment of NADH production rate during multiple metabolic 

perturbations. As perfusate temperature was reduced the kinetics of fNADH recovery after 

photobleaching directly correlated with glutamate dehydrogenase activity, with longer recovery of 

fNADH corresponding to lower glutamate dehydrogenase activity. fNADH recovery kinetics after 

photobleaching remained significantly impaired after 10 min of reperfusion after global ischemia, 

indicating sustained impact of ischemia/reperfusion on dehydrogenase activity. High rates of 

NADH production were associated with physiologic temperature and the greater energetic 

demands of contraction. Overall, our results indicate that myocardial NADH ED-FRAP is a useful 

non-destructive approach for assessing dehydrogenase activity within living myocardium.  

 

Although we did not find any evidence of tissue necrosis or abnormal changes in cellular 

morphology after applying a standard protocol of NADH ED-FRAP, it may be useful in the future 

to apply a terminal deoxynucleotidyl transferase dUTP nick end labeling (TUNEL) assay to fully 

verify cellular viability since it detects DNA fragmentation resulting from apoptotic cells [203]. 

Also, since the energy production and utilization of the heart could be altered during isolated 

preparations, future work may include the application of NADH ED-FRAP in-vivo by inserting an 

intracardiac catheter containing the basic components for excitation and detection of NADH 

signals (UV light sources and photodetector) (Appendix C).   
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Chapter 6 ï Optogenetics for selective activation of cardiac autonomic nerves 

 

6.1 Abstract 

 

Autonomic tone is a powerful modulator of cardiac function, providing regulatory controls 

through ɓ-adrenergic and cholinergic activations. Autonomic dysfunctions often lead to chronic 

cardiac arrhythmias and even heart failure with the additional complication that neurocardiac 

physiology and anatomy is extremely complex to study by applying standard neural electrical and 

pharmacological stimulation techniques, mainly due to the non-selective activation and ubiquitous 

stimulation of receptors, imposing an additional barrier for the future development of accurate 

therapies. We describe an optogenetic approach to selectively activate parasympathetic and 

sympathetic cardiac neurons to modulate cardiac output and heart rate, analogous to the 

physiological release of primary neurotransmitters from the autonomic system. Photo-stimulation 

parameters were optimized and no conduction desynchronization was observed in the majority of 

our studies. The optogenetic response was accurately controlled in a dose-dependent manner by 

modifying photo-stimulation parameters and also by administering exogenous receptor blockers 

or competing neurotransmitters. Overall, our results indicate that optogenetic photo-stimulation of 

autonomic neurons is a robust and selective technique to modulate and to study the intrinsic 

relationship between autonomic tone and cardiac function. 

 

6.2 Introduction 

 

Cardiac autonomic tone is the prevailing modulator of cardiac output and heart rate through 

the different regulatory pathways separated into the sympathetic and parasympathetic system. 

These two systems work in synchrony to maintain and to adapt to cardiac requirements and 

conditions, yet they have very specific stimulatory or inhibitory effects. Stimulation of the 

sympathetic branch accelerates heart rate and myocardial contractility by releasing its main 

neurotransmitter norepinephrine (NE), whereas stimulation of the parasympathetic branch 
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decreases heart rate, blood pressure and contractility, through the release of its primary 

neurotransmitter acetylcholine (ACh). Chronic alterations in autonomic function have been 

considered an important risk factor for developing adverse cardiovascular events such as 

ventricular tachyarrhythmias and atrial fibrillation [204], [205] that could lead to congestive heart 

failure, myocardial ischemia and other cardiac neuropathies [206].  

 

Understanding cardiac physiology and autonomic tone can be complex secondary to the 

interactions between the sympathetic stimulus and parasympathetic inhibition.  Furthermore, 

utilization of agonist/antagonist supplemented perfusates or bathes can have a heterogeneous 

effect on cardiac receptors.  Optogenetic stimulation of cardiac neurons simplifies this process by 

providing millisecond-scale stimulation of targeted cells with a lower degree of cross-reactivity 

[99].  This level of specificity has allowed for comparison of the kinetics of activation and inhibition 

of muscarinic and beta receptors via optical stimulation and circulating neurotransmitter. 

 

Optogenetics is a technology that uses varying frequencies of light to excite living tissue, 

traditionally neurons, allowing for physiologic control of targeted tissues [207], [208].  When 

coupled with Cre-Lox recombination and light-activated protein channelrhodopsin (ChR2) [101], 

gain of function mutations can be inserted into sympathetic and parasympathetic cardiac neurons 

providing control over cardiac function.  This body of research documents the effects of 

optogenetic stimulation of choline acetyltransferase (ChAT), a transferase enzyme responsible for 

the synthesis of acetylcholine, and tyrosine hydroxylase (TH), the catalyst for the rate limiting step 

in catecholamine production, on murine cardiac physiology. 

 

The goal of this research was to characterize and modulate the impact of optogenetic 

stimulation of adrenergic and cholinergic cardiac neurons, establish a metric for comparison with 

circulating neurotransmitter levels, and elucidate the distribution of ganglionic plexi responsible 

for chronotropic cardiac function.  Our results established a new paradigm for ex-vivo studies of 
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murine cardiac physiology, providing a platform to accurately study the kinetics and interactions 

between adrenergic and cholinergic neurons activation. 

 

6.3 Methods 

 

6.3.1 Mice with sympathetic and parasympathetic expression of ChR2 

Targeted cell-type activation can be accomplished by regulating ChR2 expression using Cre-

Lox recombination and cell-specific promoters. Transgenic mice were crossbred to express ChR2 

in cardiac parasympathetic or sympathetic neurons using Cre-Lox recombination and a ChAT 

(parasympathetic) or TH (sympathetic) promoter respectively. One parent has ChR2 expression 

dependent upon Cre expression while the other parent has a ChAT or TH promoter of Cre 

expression. The offspring express ChR2 in cells having ChAT or TH. Expression of ChaT-Cre-

ChR2 or TH-Cre-ChR2 was confirmed via genotyping of tail snips (Transnetyx).     

 

6.3.2 Heart preparations 

Hearts from transgenic and wild-type mice were excised and Langendorff perfused as 

previously described in 3.1. An electrocardiogram (ECG) was continuously acquired as described 

in 3.2. 

 

6.3.3 Epicardial photo-stimulation  

After excision, hearts underwent a brief period of stabilization (>15 min) and were positioned 

with the anterior side of the RA/atriocaval junction facing up (Figure 31A). Upon stabilization, 

photo-stimulation was applied via spotlight or micro LED illumination for at least 10 sec. After 

photo-stimulation, hearts were allowed to stabilize for approximately 4-5 min before the next 

round of illumination. Changes in the ECG and heart rate were continuously recorded.    
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Figure 31. Epicardial photo-stimulation setup. 
(A) RA/atriocaval junction of the perfused hearts is illuminated by micro LED. (B) The micro LED is encapsulated in 

flexible PDMS to prevent any unwanted current transfer. 

 
6.3.3.1 Spotlight illumination 

A high-power LED spotlight (470 nm, Mightex) was used to photo-stimulate the RA and RV 

epicardial surface. The spotlight was pulsed at 5 Hz, 2.5 % duty cycle and at irradiances from 

0.68 to 1.51 mW/mm
2
. Previous studies showed that maximum changes in heart rate and 

contractility occurs at 5 Hz [99] and irradiance within that range or higher are needed to trigger an 

optogenetic response [95].  

 

6.3.3.2 Micro LED illumination 

A surface-mount LED (465 nm, Dialight) was positioned on top of the RA to selectively 

stimulate the atriocaval junction. The micro LED was pulsed at 5 Hz, 5 or 20 % duty cycle 

(parasympathetic or sympathetic stimulation respectively) with an irradiance measured as 2.4 

mW/mm
2
.
 
The LED was encapsulated in PDMS to prevent any potential unwanted electrical 

stimulation (Figure 31B). 
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6.3.4 Addition of muscarinic antagonist 

Atropine was administered in increasing doses (1 to 69 nM) during parasympathetic photo-

stimulation to block post-synaptic acetylcholine receptors. Atropine was also administered to wild-

type mice in the absence of photo-stimulation to establish controls for comparison.  

 

6.3.5 Addition of cholinergic compounds 

 Exogenous acetylcholine (ACh) was administered in increasing doses (1 to 1800 nM) during 

sympathetic photo-stimulation to counteract the effects of the release of norepinephrine (NE). 

ACh was also administered to wild-type mice in the absence of photo-stimulation to establish 

controls for comparison. 

 

6.3.6 Addition of catecholamine compounds 

Exogenous NE was administered in increasing doses (1 to 800 nM) to wild-type mice in the 

absence of photo-stimulation to establish controls for comparison with respect to direct 

sympathetic stimulation. Also, ACh in conjunction with NE were administered in increasing doses 

(1 to 1800 nM) and as a bolus dose of 200 nM, respectively, to wild-type mice in the absence of 

photo-stimulation to establish controls for comparison. 

 

6.3.7 In-vivo vagal electrical stimulation 

Wild-type mice were anesthetized with vaporized 5 % isoflurane with flow rate of 2-3 L/min 

using a nasal cone.  The mouse was placed in the supine position with arms and legs out, ECG 

leads were attached and a physiologic heart rate was verified.  The neck was prepared with an 

alcohol-based surgical preparation solution and a collar incision was made through the skin down 

through the subcutaneous tissues. Subcutaneous tissues were then dissected bluntly retracting 

the salivary glands cephalad and the strap muscles laterally.  The vagus nerve was isolated from 

the carotid artery and internal jugular vein with suture (Figure 32). Electrical stimulation was 

applied directly to the vagus nerve for at least 10 sec following a frequency rate of 20 Hz, 1% duty 

cycle and 3 Vpp. 
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Figure 32. Vagus nerve dissection. 
Electrical vagal stimulation was applied to both sides of the vagus nerve, right and left. 

 
6.3.8 Whole tissue fluorescence microscopy 

ChAT-Cre x ChR2-EYFP hearts were initially perfused with a 1% paraformaldehyde (PFA) 

solution (dissolved with the modified Krebs-Henseleit (see section 3.1 for details)) to fix the 

tissue. Hearts were then allowed to rest in PFA solution for 30-60 min. After that, they were rinsed 

with a 1% phosphate buffer solution. The tissue of choice was excised (i.e. RA) and put into a 

custom-made chamber to hold it in place. The tissue was then imaged using a 2 photon 

microscope (LEICA TCS SP8 MP). Post image processing was performed with Leica LAS X 

software.  

 

6.3.9 Data analysis 

The ECG was evaluated to monitor normal sinus rhythm and to determine the occurrence of 

any dysfunction in the conduction between the atria and ventricles (e.g. atrioventricular (AV) 

block). Heart rate was calculated via R-R intervals analysis. Percent difference was calculated 

from the pre-stimulation baseline heart rate to the maximum increase/decrease point during 

stimulation.    
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6.3.10 Statistical analysis 

Statistical analyses were performed as described in 3.3. Briefly, data are presented as mean 

± standard error of the mean. A paired t-test was performed to compare groups with respect to 

control. Significance was defined as p<0.05. 

 

6.4 Results 

 

High-intensity blue light was applied to the epicardial tissue to photo-stimulate 

parasympathetic and sympathetic cardiac nerve expressing ChR2 and a ChAT or TH promoter 

respectively. Optical conditions for excitation were determined and the response of exogenous 

administration of cholinergic and catecholamine compounds as well as in-vivo vagal stimulation 

were examined and compared to neurotransmitter release via photo-stimulation.  

 

6.4.1 Tissue fluorescence microscopy 

The parasympathetic nervous network illustrated in the murine excised right atrium through 

organization of collagen bundles and YFP excitation of effected neurons (Figure 33).  Orientation 

of fibers suggests a posterior to anterior and lateral to medial spread from the atriocaval junction 

towards the periphery of the atrium.  Furthermore, fibers are organized in a ñrope likeò manner 

and exit the larger bundles in an interval fashion to innervate area of the atrium (Figure 33D&E). 

Summation of nerve diameters supports the bundled orientation of parasympathetic nerves of the 

right atrium. 
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Figure 33. Two photon microscopic image analysis of excised murine atria expressing collagen and YFP reporter 
attached to ChR2 expressing neurons. 

 (A) Collagen expression (green). (B) YFP expression (grey). (C) Overlay of both, collagen and YFP signals.  
(D) Enhanced view of YFP expressing nerve bundles in excised murine right atrium, specifically the intertwining of 

parasympathetic nerve fibers into bundles that traverse the right atrium. (E) Enhanced view of YFP expressing 
parasympathetic nerve fibers of the right atrium.  

 
6.4.2 Heart rate reduction during parasympathetic photo-stimulation  

After a brief period of stabilization, neural cardiac parasympathetic activation conducing to 

the release of ACh was accomplished by exciting the ChR2 proteins located on the RA/atriocaval 

junction (Figure 34A). Preliminary photo-stimulation studies (n=5) were performed using a LED 

spotlight at different irradiances. Sudden heart rate reduction upon photo-stimulation was 

observed in a dose-dependent manner (16.11±4.59, 34.43±4.02 and 41.21±3.29 % for 0.68, 1.15 

and 1.51 mW/mm
2
 respectively) (Figure 34B). This result is analogous to previous reports of 

electrical vagus nerve stimulation performed at different amplitudes [209]. However, immediate 

bradycardia accompanied with AV nodal block response was observed in a subset of studies. 

Following photo-stimulation, heart rate returned to baseline. Illumination at 0.68 mW/mm
2 

was 

significantly different than at 1.15 and 1.51 mW/mm
2
 (p<0.05) but not between 1.15 and 1.51 

mW/mm
2 
(p>0.05).  
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Figure 34. Parasympathetic photo-stimulation kinetics and irradiance verification. 
(A) Sudden decrease of heart rate was observed immediately after illumination and sustained until illumination was 

removed. (B) Parasympathetic response was modulated depending on the irradiance applied.  

 
Targeted micro LED photo-stimulation was then performed to illuminate the RA/atriocaval 

junction. Similar to the spotlight illumination, sudden heart rate reduction upon photo-stimulation 

in the form of a step-function was observed (41.85±3.9 %, n=5) (Figure 35A). No AV block or 

other conduction impairment was observed in the majority of our studies. Micro LED photo-

stimulation was stable for at least 5 min (Figure 35B). Following photo-stimulation, heart rate 

returned to baseline. A significant difference was observed between spotlight illumination at 0.68 

mW/mm
2 
and micro LED illumination (p<0.05) but not between the LED spotlight at 1.15 and 1.51 

mW/mm
2
 and the micro LED (p>0.05). As expected, in wild-type mice (n=5) no response to 

spotlight or micro LED photo-stimulation was observed.        

Figure 35. Micro LED parasympathetic photo-stimulation. 
(A) Heart rate decreased in average by 41.85±3.9 % during micro LED photo-stimulation. (B) Parasympathetic response 

was maintained for at least 5 min with micro LED photo-stimulation. 
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6.4.3 Electrical stimulation of the vagus nerve 

Stimulation of the vagus nerve in wild-type mice (n=3) produced a sustained 77.5±1.57 % 

reduction in heart rate, during the electrical stimulation (Figure 36A).  Sinus rhythm was noted 

throughout the testing period and no arrhythmias were detected.  Upon cessation of electrical 

stimulation, there was a brief period of rebound tachycardia followed by a return to the basal 

sinus rate (Figure 36B). The observed response was of equal magnitude and morphology when 

the left or right vagus nerve was stimulated and did not differ based on number of times either 

nerve was stimulated through the duration of the test. 

Figure 36. In-vivo Electrical vagal stimulation. 
(A) Electrical stimulation of the vagus nerve caused a sustained reduction in basal heart rate consistent with 
parasympathetic activation. (B) Vagal stimulation kinetics echoes the kinetics observed in ChaT-Cre-ChR2 

photostimulation (Figure 34A).   

 
6.4.4 Heart rate increase during sympathetic photo-stimulation  

Neural cardiac sympathetic stimulation conducing to the release of NE was accomplished by 

activating the ChR2 proteins located on the RA/atriocaval junction (Figure 37A). Preliminary 

photo-stimulation studies were performed using micro LED illumination at different duty cycles (5, 

15, 20 and 30 %) (Figure 37B). When compared to parasympathetic activation, a different kinetics 

was observed during sympathetic activation. Upon micro LED photo-stimulation, a lower duty 

cycle (5 %) provided a rate of increase during the first second significantly lower (p<0.05, n=3) 

(9.3±1.52 beats/sec) than at a higher duty cycle (47±5.83 beats/sec, 20 %). Likewise, heart rate 

increased according to the duty cycle applied ranging from a 14.95±3.43 % increment at 5 % to 

52.5±6.16 % at 20 % (Figure 37B), consistent with previous studies where electrical stellate 

ganglion stimulation was applied during different pacing conditions [210]. However, lower duty 
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cycles provided longer segments of active sympathetic stimulation sustaining an increased heart 

rate for about 1-2 min at 5 % duty cycle before starting to decrease, whereas it was just between 

10-15 sec at 20 % duty cycle (Figure 37C). Photo-stimulation at 30 % duty cycle was not 

considered despite having the fastest rate of increase (up to 61 beats/sec) and the highest 

response (up to 99%) because of major rhythm instability once it reached the maximum point of 

stimulation (Figure 37B). Therefore, 20 % duty cycle was the parameter chosen for the 

subsequent studies. Similar to the parasympathetic model, in wild-type mice (n=4) no response to 

micro LED photo-stimulation was observed.        

Figure 37. Micro LED sympathetic photo-stimulation. 
(A) Progressive heart rate elevation was observed during TH-Cre-ChR2 photo-stimulation. Inset: Basal heart rate 
increased in average by 52.5±6.16 % at 20 % during photo-stimulation of sympathetic cardiac nerve. (B) Steady 

sympathetic activation could be modulated by changing the overall duty cycle up to 20 % per illumination pulse. (C) 
Sympathetic stimulation at 20 % duty cycle remained steady for ~10-15 sec during maximum elevation, after which started 

to progressively decrease until it reached baseline levels. However, stable heart rate was only accomplished following 
withdrawal of illumination. 

 
6.4.5 Exogenous administration of a muscarinic antagonist 

The muscarinic antagonist atropine was administered in increasing doses (1 to 69 nM) to 

transgenic mice that exhibited a parasympathetic response (ChaT-Cre-ChR2, n=6) to photo-

stimulation as well as those that did not (n=4) (Figure 38). During illumination, heart rate dropped 

by 41.85±3.9 % of the basal rate; however, administration of atropine dampened this response in 
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a dose-dependent manner eventually blocking the effect of photo-stimulation (>30 nM). Atropine 

had no effect on murine heart rate in the absence of photo-stimulation (p>0.05).    

Figure 38. Exogenous administration of atropine. 
Paraympathetic photo-stimulation response was modulated by administering atropine in increasing doses. No difference 

in heart rate was noted when atropine was given to control (WT) mice. 

 
6.4.6 Exogenous administration of cholinergic and catecholamine compounds 

Exogenous ACh was added in increasing doses (1-1800 nM) to transgenic mice that 

exhibited a sympathetic response (TH-Cre-ChR2, n=5) as well as to control mice. ACh inhibited 

heart rate elevations during sympathetic photo-stimulation, with greatest suppression for [ACh] > 

150 nM (Figure 39A). At [ACh] = 1.8 µM, baseline heart rate dropped 23 % and heart rate did not 

respond to sympathetic photo-stimulation. In control mice (n=9), when dosed with ACh alone, 

there was a relative decrease in heart rate by ~39 % at [ACh] = 600 nM, similar to the baseline 

ChaT-Cre-ChR2 photo-stimulation (Figure 39B); however, it was a gradual and relatively slow 

response in contrast with the sudden activation during optogenetic parasympathetic photo-

stimulation. In addition, increasing dosages of ACh (> 400 nM) showed an increasing incidence of 

atrial and ventricular desynchronization (Figure 39C) in both, transgenic TH-Cre-ChR2 and 

control mice, unlike with ChaT-Cre-ChR2 photo-stimulation alone. 
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Figure 39. Exogenous administration of ACh. 
(A) ACh progressively suppressed sympathetic response upon photo-stimulation. (B) Heart rate decreased in a gradual 
manner with exogenous ACh. (C) Higher doses of ACh (> 400nM) showed an increasing incidence of arrhythmias unlike 
with photo-stimulation. Legend: Sinus ï standard PQRST, Mobitz 1 ï Prolonged PR and dropped beats, Mobitz 2 ï PR 

unchanged but conduction fail, Third degree block ï No association, Ventricular asystole ï No QRS. 

 
Moreover, exogenous NE was added in increasing doses (1-800 nM) to wild-type mice (n=4) 

as control. A 45.54±22.4 % heart rate elevation was observed for [NE] = 200 nM, similar to 

sympathetic photo-stimulation (Figure 40A). However, exogenous addition of NE presented a 

much slower elevation rate during the first second compared to photo-stimulation (7.6±1.25 vs 

47±5.83 beats/sec, respectively) and a longer steady-state phase before the heart rate started to 

decrease (30-40 vs 10-15 sec, respectively). Additionally, increasing dosages of ACh (1-1800 

nM) applied in conjunction with bolus doses of NE (200 nM) (n=4) showed a similar pattern as 

before. Greatest suppression of heart rate elevation after a bolus dose of NE was observed for 

[ACh] > 90 nM (Figure 40B). No response to NE was noted at [ACh] = 1.8 µM and baseline heart 

rate dropped 19 %. Atrial and ventricular desynchronization was again observed in increasing 

dosages of ACh (>40 nM). 
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Figure 40. Exogenous administration of NE and ACh. 
(A) NE was administered to wild-type (WT) mice as a control comparison of neurotransmitter release during sympathetic 

stimulation. (B) A similar trend compared to sympathetic photo-stimulation was observed when ACh administered in 
increasing dosages was competing against a single high dose of NE. 

 
6.5 Discussion 

 

A new model to study the complex relationship between the autonomic system and cardiac 

function was presented. Transgenic murine hearts expressing the light activated channel ChR2 

with a sympathetic or parasympathetic promoter were photo-stimulated and a sudden, dose-

dependent response was observed. Control studies in wild-type mice recapitulated the 

optogenetic response by performing electrical vagus nerve stimulation and exogenous 

administration of primary neurotransmitters corresponding to the two main branches of the 

autonomic system. 

 

6.5.1 Photo-stimulation of parasympathetic nerve fibers induced a sudden reduction of 

heart rate 

Sudden and instantaneous decrease in heart rate was observed upon photo-stimulation in 

ChaT-Cre-ChR2 (Figure 34A), consistent with the expected parasympathetic activation and 

subsequent ACh release. The release of ACh leads to the activation of postjunctional M2 

muscarinic receptors which in turn decreases intracellular cAMP, slowing the depolarization of 
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adjacent cells and reducing conduction velocity. Upon cessation of parasympathetic stimulation, 

ACh is quickly broken down by acetylcholinesterase, removing the effects of muscarinic activation 

and returning the heart rate to a level similar to before stimulation [210]. The chronotropic 

parasympathetic response observed in our optogenetic model echoes the findings of previous 

models of electrical vagal stimulation (including our own (Figure 36)) [86], [210], [211] and 

exogenous administration of ACh [212], where it was also possible to modulate the response by 

conditioning the stimulus parameters. 

 

Spotlight illumination showed an increased activation according to the irradiance 

implemented (Figure 34B), likely caused by the generation of more negative voltages at the ChR2 

channel resulting in a faster onset of the peak and the relaxation to steady state [95]. Irradiance 

control may provide a useful tool to modulate the response upon photo-stimulation. However, the 

immediate bradycardic response was accompanied by sustained AV block, suggesting activation 

of cholinergic receptor in both the SA and AV node. Previous studies in rats have shown AV 

nodal blockade during asynchronous vagal stimulation [213]. Therefore, given the small size of 

the micro LED and the ability to activate parasympathetic nerve fibers without eliciting a 

conduction dysfunction in the majority of our studies, this was considered the preferred tool for 

photo-stimulation due to its more specific spatial excitation which allows for a better study of the 

neuroanatomy of vagal inputs. Likewise, the exogenous application of ACh activating synaptic 

receptors applied to control mice proved not to be a suitable model for replicating the sudden 

kinetics of parasympathetic activation observed during electrical vagal stimulation and 

optogenetics photo-stimulation. Higher concentrations of ACh resulting in a decrease of heart rate 

similar to the aforementioned parasympathetic photo-activation seems to be a detrimental factor 

for cardiac dysfunction evidenced in a greater incidence of atrial and ventricular 

desynchronization (Figure 39B&C). Such limitation has been previously observed in canine 

models presenting SA exit block and atrial flutter and fibrillation, likely caused by a greater 

depression of L-type calcium channels (ICa,L) and excitability, leading to an increased 

refractoriness of the SA conduction pathways and a greater intra-atrial reentry [214], [215]. 
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Parasympathetic activation upon photo-stimulation was also modulated by implementing 

increasing doses of atropine, a nonselective muscarinic ACh receptor (mAChR) antagonist that 

blocks the receptor sites where ACh binds after it is released during parasympathetic stimulation. 

Exogenous administration of atropine controlled the decrease of heart rate in a dose-dependent 

manner, blocking the response at higher doses (Figure 38). In previous studies, both ACh 

superfusion and vagal stimulation response were abolished by infusing atropine in different 

animal models [216]ï[218]. No difference in heart rate was observed when atropine was applied 

to control mice following the same dosages as before, indicating a specific response to ACh 

release upon photo-stimulation.   

 

6.5.2 Photo-stimulation of sympathetic nerve fibers prompted a progressive increase 

of heart rate 

A progressive and instantaneous increase of heart rate was observed upon photo-stimulation 

of sympathetic nerve fibers in TH-Cre-ChR2 mice, consistent with the release of NE and 

activation of adrenergic receptors (Figure 37A). ɓ1-receptors couple to Gs-proteins that activate 

the enzyme adenylate cyclase, producing the second messenger cAMP which in turn increases 

the opening of funny channels and intracellular Ca
2+

, increasing the slope of spontaneous 

depolarization, thus elevating the heart rate gradually. In contrast to the results seen with the 

activation of parasympathetic nerve fibers where a rapid activation of muscarinic receptors 

caused a sudden and abrupt change in heart rate (Figure 34A), it is believed that the gradual 

increase of heart rate during sympathetic stimulation is due to the slow second messenger 

system that requires a phosphorylation process resulting in a relatively slow release of NE from 

the nerve endings [210], [219], [85]. It has been shown that sympathetic activation could be 

modulated by either increasing the strength of stimulation which recruits more active fibres or by 

increasing the stimulation frequency to modify the firing rate of the nerve fibers [210][85]. A faster 

and higher response was observed when implementing increasing duty cycles during the 

optogenetic photo-stimulation protocol, however, major rhythm instability occurred at the highest 
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duty cycle (30 %) and sustained heart rate elevations decreased with higher duty cycles as well 

(Figure 37B). One possible reason is that as the heart increases its basal rate by as much as 99 

%, it can not sustained such high demand of energy and becomes partially ischemic. Previous 

studies performed in isolated rats and rabbits showed an increase in NADH signal during 

elevated pacing rates [166], [220]. Also, it is unclear if the vesicles carrying NE are depleted 

during long-term photo-stimulation or if the rate of vesicle loading and docking is substantially 

slower that the rate of NE release, additional studies are needed to answer this.  

 

Inhibition of the chronotropic effects of sympathetic photo-stimulation and exogenous NE by 

background ACh administration occurred in a dose-dependent manner (Figure 39A & Figure 

40B). It is possible that the reduction of heart rate elevations during increased parasympathetic 

activity at higher concentrations of ACh can be the result of reduced NE released by ACh binding 

to M3 receptors on presynaptic sympathetic nerve terminals and through the activation of 

inwardly rectifying current, inhibiting the slow inward Ca
2+

 current induced by ɓ1-receptors 

activation [86], [221]. Both conditions presented a greater incidence of atrial and ventricular 

desynchronization during higher concentrations of ACh, making this option to modulate the 

sympathetic response not suitable for optimal cardiac performance. Likewise, although the 

administration of exogenous NE increased substantially the basal heart rate, it did not 

recapitulate the kinetics of sympathetic activation compared to optogenetics photo-stimulation; 

therefore, it is not appropriate for the accurately study of neurocardiac interaction of 

catecholamine activation.     

 

6.6 Limitations 

 

Our studies focused on recapitulating intrinsic release of ACh and NE during parasympathetic 

and sympathetic stimulation within isolated murine hearts. A potential limitation is the absence of 

hemodynamic reflexes and neurohormonal influences in intact, perfused hearts that could 

mislead the autonomic activity. Also, we only measured relative changes in autonomic nerve 
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response instead of the absolute intensity of autonomic discharges, without addressing specific 

cellular mechanism at the post-synaptic neuronal level. Likewise, given the relatively short-term of 

our studies, it is unlikely to observe the full spectrum of spontaneously occurring arrhythmias in 

acute experiments.  

 

6.7 Conclusions and future work 

 

Parasympathetic and sympathetic nerve activity is preserved in intact isolated perfused 

murine hearts, leading to a response associated with cholinergic and adrenergic activation at a 

cellular and at an organ level. Photo-stimulation of ChAT and TH cardiac parasympathetic and 

sympathetic neurons has an immediate and sudden effect on heart rate in a dose-dependent 

manner, corresponding to changes of sinus rate in response to neurotransmitter release. In 

contrast to the modulation of photo-stimulation parameters (irradiance and duty cycle), 

pharmacological attempts to inhibit and recapitulate autonomic activity had a deteriorating 

response in atrioventricular conduction during higher concentrations. This study provides a new 

platform for further investigating autonomic conduction pathways in perfused heart experiments 

recapitulating true physiological functions.  

 

Future work should seek the improvement of this promising approach to modulate and to 

study neurocardiac function. Considering the substantial increase of heart rate observed during 

sympathetic studies, NADH imaging could be used during photo-stimulation to analyze if any 

increase of NADH signal could be indicative of temporary ischemia. Likewise, the implementation 

of a perfluorocarbons (PFCs)-based solution as perfusate, could provide a better window for 

sustained increments of heart rate since it acts as a better oxygen carrier improving oxygen mass 

transfer [222] and potentially reducing the time of ischemic episodes during elevated heart rates. 

Also, a more specific photo-stimulation tool could be used for precise spatial activation of neural 

networks to avoid the excitation of several specialized structures at the same time (e.g. AV and 

SA node). Moreover, although the isolated heart provides a very controlled and repeatable 
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preparation, it lacks the essential interactions with other systems and compounds present in its 

native environment; therefore, in-vivo studies should be encouraged in the near future. Long-term 

applications of this approach may be considered for treating individuals with persistent, 

pathological atrial arrhythmias. 
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Chapter 7 ï Summary Conclusions 

 

In order to reduce the gap between cardiovascular research and clinical practice, it is 

important to be able to fully understand cardiac physiology and disease states through a more 

accurate and reproducible experimental model. The experimental data presented in this 

dissertation serves as a step forward in studying cardiac function by providing novel tools to 

assess the metabolic and electrical activity in whole hearts as well as a new model to analyze 

neurocardiac interactions.   

 

Current technologies used for studying the electrical activity of the heart at a cellular level 

heavily rely on the administration of exogenous compounds to arrest and/or stain the heart, a 

disparity with natural cardiac physiology. We have shown a new set of detachable 

microelectrodes capable of measuring the potential of a single cell in fully contracting hearts 

without the addition of any external components. This technique of detachable microdevices 

could be expanded to build other type of detachable chemical sensors which could provide a wide 

range of different physiological measurements.   

 

Also, considering the limited amount of tools available for studying whole heart metabolism, 

we have shown for the first time an improved method based on the fluorescence recovery after 

photobleaching of NADH molecules to analyze the capacity of the heart to generate energy 

during different metabolic conditions. This reproducible, non-destructive technique could 

potentially serve as the base for building a new set of intracardiac catheters for in-vivo 

assessment of cardiac energetics. 

 

For studies of cardiac parasympathetic and sympathetic activation, an optogenetic model has 

been presented. The Interaction between autonomic tone and cardiac function was analyzed 

through the selective release of neurotransmitters upon photo-stimulation and compared to other 
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commonly used techniques to analyze neurocardiac response. These studies provide an exciting 

new platform for studying autonomic conduction pathways reiterating natural physiology.  

 

In any case, these tools could be used as stand-alone applications or combined to provide a 

wide range of physiological measurements, fostering new studies that will further explore the 

complex cardiac anatomy and function at a tissue and cellular level during different normal and 

pathological conditions.  
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Appendix A 
 

Fabrication steps for preparing detachable sharp glass microdevices. 
 

Steps a-d are the same for both types of release mechanisms (suction (s) or electrical (e)). 

Suction release: 
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 Electrical release: 
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Appendix B 

 
Mechanical drawings of the electrical release and stabilization tools  

 
Electrical release: 
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Cardiac chamber: 
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Immobilization fork: 
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Appendix C 

 
Potential design of the NADH ED-FRAP intracardiac catheter. 
 

 
 

 


